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Zusammenfassung
Das Genom eukaryotischer Lebewesen wird durch mehrere Kompaktierungsschritte hierarchisch in
den Zellkern gepackt, wobei die Bildung sogenannter Nukleosome der erste Schritt ist. Kanonische
Nukleosome bestehen aus je zwei Kopien der vierHistoneH2A,H2B,H3 undH4, die zusammen das
Histonoktamerbilden.DiesesHistonoktamerwird vonca. 147BasenpaarenDNAumwickelt.Hierbei
sorgen elektrostatischeWechselwirkungen und spezifische molekulare Kontakte dafür, dass die DNA
fest mit dem Histonoktamer verbunden ist. Allerdings ermöglichen bestimmte, intrinsische Mecha-
nismen dynamische Prozesse im Nukleosom wie beispielsweise das Entlanggleiten an der DNA. Dies
geschieht auf Zeitskalen im Bereich von Millisekunden bis Minuten. Die Zugänglichkeit bestimmter
Chromatinabschnitte und das Auslesen vonGenenwird durch epigenetischeMarkierungen reguliert.
Hierbei spielen vor allem post-translationale Modifikationen (PTMs) eine besondere Rolle. Zahlrei-
che dieser PTMs beeinflussen die Wechselwirkungen sowohl innerhalb des Histonoktamers als auch
zwischen dem Histonoktamer und der DNA, wodurch unterschiedlich stabile und umwickelte Nu-
kleosome entstehen.
Die Rasterkraftmikroskopie stellt eine leistungsfähige Technik zur Untersuchung der Nukleosom-
struktur und von Interaktionen des Nukleosoms dar. Sie ermöglicht die Visualisierung einzelner Mo-
leküle ohne Markermoleküle und im Subnanometerbereich. Bisher war es jedoch nicht möglich be-
stimmte, feine strukturelle Besonderheiten des Nukleosoms wie zum Beispiel die 5 Basenpaar Periodi-
zität der Abwicklung oder die Anti-kooperativität, also denMechanismus des einseitigen Abwickelns,
mit Hilfe der Rasterkraftmikroskopie zu beobachten. Im Rahmen dieser Arbeit, entwickelte ich eine
Analysemethodik, die eine schnelle und hochquantitative Auswertung tausender Moleküle mit Ein-
zelmolekülauflösung ermöglicht.Mit Hilfe dieses Arbeitsablaufs konnte ich zum erstenMal die zuvor
genannte 5 Basenpaar Abwicklungsperiodizität und die Anti-kooperativität des Nukleosomes mittels
Rasterkraftmikroskopie beschreiben.
Da ich durch diese neu entwickelte Analysepipeline dieMöglichkeit hatte, Nukleosomstrukturenmit
sehr guter Auflösung zu untersuchen, wandte ich die Methodik daraufhin auf Varianten des kanoni-
schenNukleosomes an, hierunter bespielsweise Nukleosome, die die Histonvariante CENP-A enthal-
ten, eine Variante die vor allem innerhalb des Zentromers vorkommt, und auf Nukleosome, die kleine
post-tanslationaleModifikationen innerhalb derHistone besitzen.Hierbei erarbeitete ich Einblicke in
diemechanistischenDetails der jeweiligenNukleosomvarianten. So fand ichbeispielsweise heraus, dass
sich sowohl die CENP-A Nukleosome als auch Nukleosome, welche drei zusätzliche Methylgruppen
am Endteil des Histons H3 besitzen, überwiegend stochastisch abwickeln, im Gegensatz zu den sich
anti-kooperativ abwickelnden Nukleosomen desWildtyps. Dieses Ergebnis, in Verbindung mit ande-
ren Erkenntnissen der hier vorliegenden Arbeit, zeigt wie verschiedene Histonvarianten und PTMs
durch eine Reihe verschiedener Mechanismen ihre Funktion ausüben können.
Zusammenfassend habe ich gezeigt, dass die Rasterkraftmikroskopie in der Lage ist, die Nukleosom-
struktur und -dynamik in außerordentlichemDetail zu erfassen.Meine Arbeit führte zu interessanten
Erkenntnissen auf demGebiet der Epigenetik undwird in Zukunft weitere Einblicke ermöglichen, da
der hier entwickelte Arbeitsablauf leicht auf andere Nukleosomvarianten sowie deren Interaktionen
mit Bindungspartnern anwendbar ist.
Abstract
Nucleosomes, the fundamental units of chromatin, regulate readout and expression of eukaryotic
genomes. Canonical nucleosome core particles consist of two copies each of the four histone proteins
H2A, H2B, H3 and H4 assembled into a histone octamer that is wrapped by ~147 base pairs (bp) of
DNA. Electrostatic interactions and specific molecular contacts stably pack the DNA onto the his-
tone octamer but DNA breathing, sliding, gaping, and loosening allow for nucleosomal dynamics on
millisecond to minute time scales. Chromatin accessibility and gene readout is heavily regulated by
epigenetic marks, among which post-translational modifications (PTMs) of histones play a key role.
Numerous PTMs alter histone-histone and histone-DNA interactions, yielding nucleosomal struc-
tures with varying degrees of stability and DNAwrapping.
Atomic force microscopy (AFM) is a powerful tool to probe nucleosome structure and interactions
due to its capability to image molecular complexes at the single molecule level label-free and with sub-
nanometer resolution, well suited to visualize the DNA and protein components of nucleosomes.
Yet, so far it was not possible to detect subtle structural features of the nucleosome by AFM such as
the 5 bp unwrapping periodicity or the anti-cooperativity of nucleosome unwrapping both of which
were previously observed with other measurement techniques. Within this thesis, I developed a high-
throughput analysis pipeline that makes possible rapid and highly quantitative assessment of thou-
sands of molecules with single-molecule resolution. Utilizing this workflow, I was able to observe the
5 bp unwrapping periodicity and the anti-cooperativity of nucleosome unwrapping for the first time
by AFM imaging.
Being able to studynucleosomal conformations at this level of detail by leveraging the automatedmulti-
parameter analysis approach, I then applied the pipeline to nucleosomes containing the histone vari-
ant CENP-A - a variant that often replaces histone H3 in nucleosomes within the centromer - and
to nucleosomes that contain subtle post-translational modifications. Here, I was able to unravel the
mechanistic details and the effect on nucleosomewrapping of these nucleosome variants. For example,
I found that both CENP-A nucleosomes and nucleosomes containing three additional methyl groups
within the tail of histone H3 unwrap mostly stochastically, in stark contrast to the anti-cooperative
unwrapping of wild type nucleosomes. This finding, in combination with other insights from work
within this thesis, highlight how histone variants and PTMs involved in transcriptionally active chro-
matin act through a range of mechanisms.
In summary, I demonstrated that AFM imaging is able to capture the nucleosome unwrapping land-
scape in unprecedented detail. My work yielded interesting findings within the field of epigenetics
and will allow for additional insights in the future due to the workflow’s easy applicability to other
nucleosome modifications and variants as well as their interaction with binding partners.
Contents
Zusammenfassung v
Table of Contents viii
List of Figures x
List of Publications xiii
1 Why we study nucleosomes 1
2 Atomic Force Microscopy 5
2.1 Working principle . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 5
2.1.1 Contact mode . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 6
2.1.2 Tapping mode . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 6
2.1.3 Peak Force Tapping . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7
2.1.4 Sample environment . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7
2.2 AFM resolution and fast scanning . . . . . . . . . . . . . . . . . . . . . . . . . . . 7
2.2.1 AFM resolution . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 8
2.2.2 High-speed AFM . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 9
2.3 Where to go with the AFM . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 9
3 Introduction to DNA and nucleosomes 11
3.1 DNA and DNA compaction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 11
3.2 The nucleosome . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 13
3.2.1 Nucleosome structure . . . . . . . . . . . . . . . . . . . . . . . . . . . . 13
3.2.2 Nucleosome dynamics . . . . . . . . . . . . . . . . . . . . . . . . . . . . 14
3.2.3 Nucleosome structure and dynamics by AFM . . . . . . . . . . . . . . . . 17
3.3 Epigenetics . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 19
3.3.1 Histone tail modifications . . . . . . . . . . . . . . . . . . . . . . . . . . 19
3.3.2 Histone variants . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 22
4 Ahigh-throughput pipeline to determineDNAand nucleosome conformations byAFM
imaging 25
4.1 Background . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 25
4.2 Materials and reagents . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 26
4.3 Equipment . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 27
4.4 Software . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 27
4.5 Procedure . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 28
4.5.1 Surface deposition of the sample . . . . . . . . . . . . . . . . . . . . . . . 28
Page vii
viii Table of Contents
4.5.2 AFM imaging of nucleosomes and DNA . . . . . . . . . . . . . . . . . . . 30
4.5.3 AFM image analysis . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 34
4.6 Notes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 37
5 High-throughput AFM analysis reveals unwrapping pathways of H3 and CENP-A nu-
cleosomes 39
5.1 Introduction . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 39
5.2 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 41
5.2.1 Automated AFM image analysis to quantify nucleosome conformations . . 41
5.2.2 Identifying wrapping intermediates by multi-parameter analysis . . . . . . . 41
5.2.3 Opposing effects of salt concentration on nucleosome wrapping . . . . . . . 45
5.2.4 Histone H3 nucleosomes unwrap anti-cooperatively . . . . . . . . . . . . . 46
5.2.5 CENP-A nucleosomes do not follow distinct unwrapping pathways . . . . . 48
5.2.6 Differences in DNAwrapping reconcile conflicting results on CENP-A nu-
cleosomes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 50
5.3 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 51
5.4 Conclusion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 52
5.5 Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 53
5.6 Supplementary Information . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 55
6 Quantifying epigenetic modulation of nucleosome breathing by high-throughput AFM
imaging 63
6.1 Background . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 64
6.2 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 65
6.2.1 Quantifying nucleosome conformations via automatedAFM image analysis
with deconvolution . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 65
6.2.2 Quantifying nucleosome wrapping populations by multi-parameter analysis. 67
6.2.3 Post-translational modifications alter wrapping of H3K36me3 nucleosomes. 68
6.2.4 Post-translational modifications can affect nucleosome unwrapping pathways. 70
6.3 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 72
6.4 Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 75




A.0.1 PCR for nucleosome reconstitution . . . . . . . . . . . . . . . . . . . . . 103
A.0.2 Nucleosome reconstitution . . . . . . . . . . . . . . . . . . . . . . . . . . 106
Acknowledgements 109
List of Figures
2.1 Nucleosome heights . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 5
2.2 AFM setup . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 6
2.3 AFM operating modes . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7
2.4 DNA plasmids at base-pair resolution . . . . . . . . . . . . . . . . . . . . . . . . . 8
2.5 Scheme of the effect of AFM tip convolution . . . . . . . . . . . . . . . . . . . . . 9
2.6 Myosin walking on an actin filament . . . . . . . . . . . . . . . . . . . . . . . . . 9
3.1 DNA . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 12
3.2 Electron micrograph of chromatin . . . . . . . . . . . . . . . . . . . . . . . . . . 12
3.3 Hierarchical chromatin folding . . . . . . . . . . . . . . . . . . . . . . . . . . . . 13
3.4 Nucleosome structure and superhelical locations . . . . . . . . . . . . . . . . . . . 14
3.5 Asymmetric unwrapping of the W601 sequence . . . . . . . . . . . . . . . . . . . 15
3.6 Nucleosome structure and superhelical locations . . . . . . . . . . . . . . . . . . . 16
3.7 Salt dependency of nucleosomes . . . . . . . . . . . . . . . . . . . . . . . . . . . 17
3.8 Salt dependency of nucleosomes . . . . . . . . . . . . . . . . . . . . . . . . . . . 17
3.9 Nucleosome unwrapping by HS-AFM . . . . . . . . . . . . . . . . . . . . . . . . 18
3.10 CENP-A nucleosome loop-formation . . . . . . . . . . . . . . . . . . . . . . . . 18
3.11 Overview of analysis frameworks . . . . . . . . . . . . . . . . . . . . . . . . . . . 20
3.12 Histone tails and their modifications . . . . . . . . . . . . . . . . . . . . . . . . . 21
3.13 CENP-A vs. histone H3 . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 23
4.1 Surface deposition . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 28
4.2 Mounting the sample in the AFM . . . . . . . . . . . . . . . . . . . . . . . . . . . 30
4.3 AFM software and settings for imaging . . . . . . . . . . . . . . . . . . . . . . . . 31
4.4 DNA length as a quality control parameter . . . . . . . . . . . . . . . . . . . . . . 33
4.5 Plane correction of AFM images . . . . . . . . . . . . . . . . . . . . . . . . . . . 34
4.6 Image analysis post-processing software . . . . . . . . . . . . . . . . . . . . . . . . 35
4.7 Example analysis of DNA and nucleosome conformations . . . . . . . . . . . . . . 36
4.8 DNA length and nucleosome volume as quality control parameters . . . . . . . . . 37
5.1 DNA and nucleosome structure parameters by automated AFM image analysis . . . 42
5.2 Structure parameters for H3 nucleosomes from AFM imaging . . . . . . . . . . . . 43
5.3 Nucleosome heights . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 43
5.4 Assigning nucleosome wrapping states . . . . . . . . . . . . . . . . . . . . . . . . 44
5.5 Effect of salt concentration on H3 nucleosome wrapping . . . . . . . . . . . . . . . 46
5.6 Nucleosomes and magnesium . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 46
5.7 Anti-cooperative unwrapping of H3 nucleosomes . . . . . . . . . . . . . . . . . . 47
5.8 Unwrapping and heights of CENP-A nucleosomes . . . . . . . . . . . . . . . . . . 49
5.9 Detection efficiency, manual molecule classification, and DNA length . . . . . . . . 56
Page ix
x List of Figures
5.10 DNA and nucleosome simulations to quantify the effect of AFM tip convolution . . 57
5.11 Effect of salt concentration on DNA contour and persistence length . . . . . . . . . 58
5.12 Surface functionalization control . . . . . . . . . . . . . . . . . . . . . . . . . . . 59
5.13 Determination of the occupancies of different wrapping states . . . . . . . . . . . . 60
5.14 Non-palindromic nature of the W601 positioning sequence . . . . . . . . . . . . . 61
5.15 W601 nucleosome positioning . . . . . . . . . . . . . . . . . . . . . . . . . . . . 62
6.1 Automated AFM image analysis with deconvolution . . . . . . . . . . . . . . . . . 66
6.2 Estimation of nucleosome wrapping populations . . . . . . . . . . . . . . . . . . . 67
6.3 DNAwrapping populations of post-translationally modified nucleosomes . . . . . . 69
6.4 Unwrapping pathways of post-translationally modified nucleosomes . . . . . . . . . 71
6.5 Tracing of bare DNA and nucleosomes . . . . . . . . . . . . . . . . . . . . . . . . 77
6.6 Tip shape estimation . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 78
6.7 Bare DNA lengths . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 79
6.8 Quantification of anti-cooperative unwrapping . . . . . . . . . . . . . . . . . . . . 80
6.9 Nucleosome positioning . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 81
6.10 Simulation of anti-cooperative and stochastic unwrapping . . . . . . . . . . . . . . 82




Publications included in this work
• Sebastian F. Konrad,WillemVanderlinden,WoutFrederickx,TineBrouns, BjoernMenze, Steven
De Feyter and Jan Lipfert. High-throughputAFManalysis reveals unwrapping pathways ofH3
and CENP-A nucleosomes. Nanoscale, Feb 2021, 13, 5435-5447
https://doi.org/10.1039/D0NR08564B
• Sebastian F. Konrad, Willem Vanderlinden, and Jan Lipfert. A High-throughput Pipeline to
Determine DNA and Nucleosome Conformations by AFM Imaging. Bio-protocol, in press, no
link available yet
• Sebastian F. Konrad, Willem Vanderlinden, and Jan Lipfert. Quantifying epigenetic modula-
tion of nucleosome breathing by high-throughput AFM imaging. Under review at Biophysical
Journal, Preprint at bioRxiv: https://doi.org/10.1101/2021.07.29.454136
Publications not included in this work
• TineBrouns,HerlindeDeKeersmaecker, Sebastian F. Konrad,NoriyukiKodera,ToshioAndo,
Jan Lipfert, Steven De Feyter and Willem Vanderlinden. Free Energy Landscape and Dynam-
ics of Supercoiled DNA by High-Speed Atomic Force Microscopy. ACS Nano, Dec 2018,
https://doi.org/10.1021/acsnano.8b06994
• Willem Vanderlinden, Pauline Kolbeck, Wout Frederickx, Sebastian F. Konrad, Thomas Nico-
laus, Carola Lampe, Alexander S. Urban, C. Moucheron and Jan Lipfert. Ru(TAP)3
2+uses
multivalent binding to accelerate and constrain photo-adduct formation on DNA. Chemical
Communications, Jul 2019, https://doi.org/10.1039/c9cc02838b
• More publications I contributed to, such as work on the bending of DNA ”teardrops” and a




Why we study nucleosomes
In 2017, about 167 million people worldwide suffered from a major depressive dis-
order with up to 20 % of people, depending on the country of living, being affected
by depression at some point in life1. In 2018, approximately 18 million deaths per
year were caused by cancer making it responsible for 1 out of 6 deaths worldwide
that year2. In the same year, Alzheimer’s disease was the sixth leading cause of death
in the US with a total of 5.8 million people above 65 suffering from Alzheimer’s in
total3.
Something that all of these terrible diseases and disorders have in common is their
close relation to epigenetics4–6 according to ongoing research. In short, epigenet-
ics describes processes andmechanisms that control gene activity by small chemical
changes andmodifications to the DNA or histones without changing the DNA se-
quence itself7. For example, a study found and related decreased histone H3 acety-
lation levels, followed by a persistent increase, to depression when studying parts of
the limbic brain of depressed humans postmortem8. Similarly, work on cancer cells
found regions in the DNA that were excessively methylated and therefore causing
genes to be wrongfully silenced9.
Over the last two decades, a lot of effort has been put into understanding the mech-
anisms and modes of action behind epigenetics10;11 and also into the utilization of
this knowledge for therapeutic purposes12. Current clinical trials for the treatment
of cancer, for example, involve histone deacetylase inhibitors that lead to changes
in the epigenome13. Overall, epigenetic therapies are currently a major field of re-
search, that bears immense hope for the treatment of manifold diseases14 and gave
rise to an abundantnumber of companies that try tobringdrugs and therapies based
on epigenetic principles to the market.
Unfortunately, our current understanding of epigenetics is still far from complete
with researchers around the globe trying to gain deeper insights into the mechanis-
tic details and the biological implications of epigenetics. While studies that investi-
gate epigenetic modification on the genome level allow for a better understanding
of epigenetics on the larger scale, combination of these findings with work on the
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biomolecular level are necessary to enable a broad understanding of the working
principles of the epigenome in the future. The epigenome is the umbrella term for
all the chemicalmodifications to theDNAandhistone proteins of an organism that
incorporate an additional layer of information above the genome. Herein, the com-
paction ofDNA into the cell nucleus and the accessibility of DNA confinedwithin
nucleosomes as the basic units of compaction play a key role. Therefore, studies of
the implications of epigenetic modifications on short stretches of DNA and their
effect on the compaction of DNA into the cell nucleus on the nucleosomal level are
of specific interest as they might enable a better understanding of the mode of ac-
tion of epigenetic processes such as gene activation or silencing by partially exposing
or hiding DNA stretches from the transcription machinery15;16.
The goal of this work is to develop an experimental workflow that allows to study
the nucleosomal structure in detail to enable investigation of both the structure
and the unwrapping dynamics of the nucleosome in unprecedented detail in gen-
eral and to enable the investigation of the effect of epigenetic modifications on the
single-molecule level. Having this experimental pipeline established, a thorough in-
vestigation of nucleosome structure and dynamics for wild type and epigenetically
modified nucleosomeswill provide a first step towards a better understanding of the
mechanistic details behind nucleosomes specifically and epigenetics in general.
Outline of this thesis
In chapter 2, an introduction to themain experimentalmethod applied in this work
- the atomic force microscope (AFM) - is given. First, the working principle and the
mainmodes of operationof commonAFMsystems are discussed. Second, a current
view on AFM image resolution and high-speed AFM is given.
In chapter 3, DNA and the need for DNA compaction mechanisms within the cell
nucleus are introduced. While giving a quick overview of the hierarchical packing
of DNA, the first step of DNA compaction - the wrapping of DNA around a his-
tone octamer to form a nucleosome - is elucidated in detail. Here, both nucleosome
structure and dynamics are presented in the light of the current state of research on
the single molecule level and by different experimental techniques. Afterwards, epi-
genetics and its effect on nucleosome structure and its biological implications are
introduced concluding with open questions that will be investigated throughout
this work.
In chapter 4, a detailled description of the experimental methods and the subse-
quent data analysis used in this work is given. The workflow described here pro-
vides enough detail to readily reproduce the experiments performed throughout
this work and to apply it to other open research questions thatwill be stated inmore
detail in the outlook.
In chapter 5, the atomic forcemicroscopy imaging and readout workflowpresented
in chapter 4 is applied to wild type and CENP-A nucleosomes, proving the capa-
bilities of our analysis pipeline and elucidating new mechanistic details behind the
wrapping of the respective nucleosomes.
3
In chapter 6, epigeneticallymodifiednucleosomes containing subtle changes to their
amino acids are investigated to provide a better understanding of the modes of ac-
tion behind several key epigenetic modifications.
Finally, a summary of the findings of this work will be given in chapter 7, stating
remaining open questions and defining possible future research goals continuing




In 1981,GerdBinnig andHeinrichRohrer - thenworking at IBMZurich - invented
the Scanning Tunneling Microscope that earned them the Nobel Prize five years
later in 198617. In STM, a metal tip is scanned over a conductive surface. Displace-
ments of the metal tip can be captured bymonitoring the resulting voltages applied
to the piezo-drives that then lead to a topographic picture of the surface17. The
STM turned out to be able to precisely study the atomic surface structure of con-
ductors. Yet, a technique to study the surface of insulators at the same level of detail
was still lacking. Therefore, in 1986, - the year Gerd Binnig became a nobel laure-
ate - Binnig proposed the Atomic Force Microscope (AFM) to study the surface of
insulators with a similar working principle as the STM18 (Fig. 2.1).
Figure 2.1: Schematic of the AFM work-
ing principle as originally proposed by Gerd
Binnig. Reprinted with permission from 18.
Copyright by the American Physical Society.
2.1 Working principle
In contrast to STMwhere a tunneling current is utilized to extract the topographic
surface profile, in AFM, the cantilever deflection that is induced by the interaction
force acting on the sharp tip in proximity to the surface is carefully monitored and
leading to the surface profile. TheAFM tip is usuallymade of silicon and integrated
near the end of anAFMcantilever. The lateral and the vertical position of the AFM
cantilever is controlled by a piezoelectric scanner. Deflections of theAFMcantilever
when moving over the surface features are tracked by a laser beam reflected from
the back of the AFM cantilever. A photodetector collects the reflected laser signal
which, in combination with the movement of the piezos, allows generation of the
topographic image of the surface. The exact working principle of the image gener-
ation depends on the mode of operation of the AFM. Over the years, several tech-
niques have evolved amongwhich contactmode, tappingmode, non-contactmode
and the recently emerged peakforce tapping are the most prominent ones.
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Figure 2.2: Schematic of the basic compo-
nents of an AFM setup. A laser is focused
onto the back of the very end of the AFM can-
tilever and is reflected back towards a photo-
sensitive detector. While scanning over the
surface, the reflection of the laser signal is
changing continuously and thus also the sig-
nal caught by the detector. A feedback loop
controls the vertical extension of the scan-
ner. The coordinates tracked from the AFM
tip movement during the scan are used to
generate the topographic image of the sur-
face.
2.1.1 Contact mode
The mode of operation proposed by Binnig in 198618 is called contact mode (Fig.
2.3i). Here, the tip is continuously in contact with the surface under a directly-
controlled force. When the tip is moving along the surface, the sample induces a
vertical deflection of the cantilver. The feedback loop retains this deflection at a
preset loading force anduses the feedback response to generate a topographic image.
The main disadvantage of contact mode imaging are the high lateral forces acting
on the tip that can degrade the tip quickly and therefore decrease image resolution.
Similarly, the forces acting on the sample can cause deformations of the surface and
affect the conformationof themolecules under investigation19. To reduce the forces
acting on the surface, soft cantilevers are used.
2.1.2 Tapping mode
In tappingmode or amplitudemodulation (AM-AFM), typically a rather stiffAFM
cantilever is oscillated near its resonance frequency by a piezoelectric element (Fig.
2.3ii). Typical oscillation frequencies range from kHz up to someMHz in the case
of cantilevers that are designed for the purpose of ultrafast oscillation. At the lower
end of the AFM cantilever oscillation the tip slighty touches the surface or interacts
with it via van derWaals forces and therefore its oscillation amplitude is damped. A
feedback loop keeps the oscillation amplitude of the AFM cantilever constant and
thusmaintains a constant interaction force between the cantilever and the surface20.
Compared to contact mode, the lateral forces acting on both the molecules under
investigation and the AFM tip are drastically reduced21.
Non-contact mode
Similar to the tapping mode, in non-contact mode, the cantilever is oscillated at its
resonance frequency (frequency modulation AFM - FM-AFM) at amplitudes of a
few nanometers. The AFM tip is kept away from the surface at a distance with van
derWaals forces acting on the cantilever and decreasing the resonance frequency of
the cantilever. A feedback loop acts tomaintain a constant oscillation frequency and
tip-sample interaction ismonitored directly via a shift in the resonance frequency of
the cantilever, instead ofmonitoring the change in the cantilever amplitude as done
in tapping mode22. FM-AFM is applied in UHV and low-temperature physics23
as well as in biological applications24. The advantage of FM-AFM is that it offers
the lowest possible interaction between the AFM tip and the sample under investi-
gation. When tuned properly, the shape can be preserved over long times allowing
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Figure 2.3: The main modes of operation
in AFM are depicted: contact mode, tap-
ping mode and peakforce tapping. Figure
adapted from 22 - licensed under CC BY 4.0.
continuous scanning at high resolution.
2.1.3 Peak Force Tapping
A variation compared to the other imagingmodes tomap the surface is taken in the
Peak Force Tapping (PFT) mode that was first proposed in 200925. In contrast to
the other dynamic AFM imaging modes, in PFT, the oscillation of the AFM can-
tilever is performedway below the resonance frequency26. A force curve is recorded
at each oscillation and the interaction between the tip and the sample is controlled
by a feedback loop. The resulting highest force, i.e. the ”peak force” is used tomod-
ulate the z-piezo position to keep a constant interaction force between the tip and
the sample22 that can then be used to generate a topographic image of the sample.
While being a relatively slow imaging mode when first introduced, nowadays, force
curves for PFT can be taken at frequencies up to 10 kHz allowing high-resolution
scans of single molecules within a few minutes. The main advantage of peak force
tapping is its ability to compensate for drift enabling the continuous measurement
of singlemolecules over extended timeperiodswhile preventingdamage to theAFM
tip.
2.1.4 Sample environment
All AFM imaging modes can be performed in air and in liquid. For imaging bio-
logical samples in air, the sample is typically deposited in its buffer solution on the
surface for a certain incubation time and afterwards the surface is driedwith a gentle
streamof nitrogen gas. In contrast, for AFM in liquid, the surface is constantly kept
wet in a buffer solution and the AFM tip is immersed in liquid. The minimum vol-
ume is in the range ofmicroliters that can be contained in a liquid cell or in a droplet
formed by the capillary forces between the surface and the cantilever holder.
2.2 AFM resolution and fast scanning
Since the first set up of an atomic force microscope, the technique has come a long
waymaking it a reliable, fast andhighly resolved imaging tool in research labs around
theworld. An example ofwhat can currently be achievedwith high-endAFM imag-
ing is shown in Figure 2.4. In this work, AFM imagingwas used to analyze the effect
of supercoiling on DNA flexibility on the base-pair level27 showcasing the resolu-
tion of the AFM at a few Ångstrom.
In principle, AFM image resolution is mainly defined by two elements: The sharp-
ness of the AFM tip and the stability of the AFM system when scanning over an
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Figure 2.4: High-resolution AFM images of
supercoiled DNA minicircles showcasing the
potential of AFM to image DNA at base-pair
resolution and directly visualizing major and
minor grooves. Adapted from 27 - licensed
under CC BY 4.0.
extended period of time. Atomic resolution can only be achieved if the AFM tip
is terminated with a single atom. At typical tip curvatures with a radius of 10 nm,
DNAwith a diameter of 2 nm is imaged at a width of ~6 nm.28
2.2.1 AFM resolution
The effect of overestimating the size of the sample due to the finite size of the AFM
tip is called AFM tip convolution (Fig. 2.5) and has been an area of ongoing inves-
tigation within the AFM community. The most direct approach to overall increase
AFM resolution is to reduce the dimension of the AFM tip and reproducibly pro-
duce AFM tips of the same shape. However, manufacturing cantilevers is based
on chemical processes, such as etching, making every cantilever unique. There are
many different AFM probe manufacturers on the market that all offer a wide range
of AFM cantilevers for manifold applications. For example, typically small can-
tilever spring constants (0.1 - 3N/m) are used in liquidAFMmeasurementswhereas
dry imaging typically requires larger spring constants in the range of 5 - 30N/m. In
the product sheets of the respective cantilevers, the tip radius is usually not speci-
fied as an exact value but rather as a range. For example, FASTSCAN-A cantilevers
manufactured by Bruker, that we commonly use in our dry AFM measurements,
are specified to have a nominal tip radius of 5 nmwith a maximum value of 12 nm.
Only when using the individual AFM tip during a measurement run, the final res-
olution with that AFM tip becomes apparent.
Besides the direct approach of improving AFM tips, work has been put into esti-
mating the effect of AFM tip convolution on biological molecules29–31 and consec-
utively applying deconvolution algorithms. However, to apply a deconvolution to
the AFM image, good knowledge of the AFM tip shape is required. The two main
approaches to estimate theAFMtip shape are either experimentalmethods inwhich
well known calibration structures are used to extract the tip shape or mathemati-
cal approaches that utilize the final AFM image to perform a blind tip reconstruc-
tion32–34. Two example studies for estimating the AFM tip shape experimentally
are based on a calibration grid etched onto a silicon wafer35 or on the thermally sta-
ble, non-abrasive tobaccomosaic virus that can be deposited next to other biological
molecules and act as a calibration structure36.
In the work presented here, a blind tip reconstruction approach based on the exper-
imentally takenAFM images is utilized to estimate the AFM tip shape and consecu-
tively apply a deconvolution for more accurate tracing of the structural parameters
of DNA and nucleosomes. A detailed description of the method and the results is
given in Chapter 6.
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Figure 2.5: AFM tip convolution results in
an overestimation of the dimensions of bio-
logical molecules. In this case, a nucleosome
deposited on a flat mica surface is imaged
with an AFM tip of finite dimensions. Con-
volving the shape of the AFM tip with the ac-
tual shape of the molecule under investiga-
tion results in the final image obtained by the
AFM.2.2.2 High-speed AFM
X-ray crystallography, cryo-EMandNMRhadgreat impact inprovidinghigh-resolved
structures of DNA and a wide range of biological molecules. However, it is still of-
ten difficult to study the dynamics of the respective molecules in a direct approach,
i.e. label-free and by directly visualizing the sample under investigation. AFM is a
method that is capable of directly visualizing biological samples at high resolution
and without the need of additional markers37. Yet, one critical factor to study the
dynamics ofmolecules is the ability to enable fast scan speeds and thus capture slight
movements or conformational changes over time. To enable these high scan speeds
for AFM, a lot of effort has been put into optimizing the various components of
AFM setups over the years38;39. Based on these efforts the response speed of all the
components of the AFM to the feedback loop has been drastically reduced includ-
ing the development of short cantilevers, with small spring constants and high reso-
nance frequencies40 or dynamic feedback controllers that reduce the impact of the
AFM tip on the sample during fast scanning41.
Figure 2.6: Subsequent images taken by
high-speed AFM of the movement of myosin
scanning 7 images per second. Reprinted
with permission from 42. Copyright by
Springer Nature.
While AFM scanning speed has increased continuously over time and there is no
clear definition of the required scanning speed for high-speed AFM (typically a few
frames per second), the term”High-speedAFM”has first been established in a study
from 2008 with an imaging speed of 10-30 frames/s (fps). However, the number of
frames measured per second very much depends on the amount of pixels and scan
lines imaged per second43. For example, walking of myosin on an actin filament
was captured in a famous high-speed AFM study imaging at 7 fps over 150 x 75
nm² (Fig. 2.6).42 Due to the commercial availability of high-speed AFM systems
and AFM cantilevers, the amount of studies utilizing high-speed AFM for protein
investigation has increased significantly44. High-speed AFM has also extensively
been used to study DNA and nucleosomes which are the focus of this thesis. A
detailed view of these efforts and their findings will be given in Chapter 3.
2.3 Where to go with the AFM
Since its first experimental implementation over 30 years ago, AFM imaging has
gone throughmanifold enhancement cycles and adaptations for a wide range of ap-
plications. Currently, a broad range of AFM systems from different manufactures
all over the world is commercially available with diverse application purposes. From
scanning large fields of views with thousands of molecules to scanning intact cells
or performing video rate imaging of single proteins, the potential applications for
AFM in biomolecular studies seem endless. Combination of AFM with other ex-
perimental techniques such as fluorescencemicroscopy, optical microscopy, Förster
resonance energy transfer, or total internal reflection fluorescence is also an active
area of research that will likely result in additional use cases to study biomolecules
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at unprecedented detail45. For example, combination of AFM with optical mi-
croscopy is oftenused to study themechanical properties of cells or theirmechanical
interactionwith the environment46. Additionally, a lot of work is put into pushing
the resolution of AFM itself. Only recently, in a study that tries to push the resolu-
tion ofAFM- they call it localizationAFMorLAFM- to theÅngstrom level, a read-
out method of AFM images that is somewhat comparable to the working principle
behing super-resolution microscopy was proposed and has the potential of taking
AFM imaging resolution to the next level47.
AFM and many other experimental methods enabled researchers around the globe
to gain a detailed understanding of biomolecules on the single-molecular level. This
chapter set the foundation to understand and follow the experimental work per-
formed throughout this thesis. In the following chapter, an introduction to DNA,
proteins, and nucleosomes in particular is given together with the current status of
research regarding nucleosomes. This will provide the framework that has been the
starting point of this thesis and will introduce the biological questions that were
addressed in the subsequent chapters.
3
Introduction to DNA and nucleosomes
The ability to store, retrieve, and translate genetic information is critical to creating
andmaintaining a living organism and thus to life in general. At cell division, hered-
itary information is passed on to the daughter cell. These instructions thatmake life
possible are stored in genes that contain the components required to define the traits
of a species as a whole and of the individuals within that species48. Deoxyribonu-
cleic acid (DNA) is the carrier of this hereditary information - the human genome
- that is compacted into the cell via hierarchical packing with a first step being the
formation of nucleosomes. Despite the enormous efforts undertaken to completely
decode the human genome in the 90s, it took researchers 50 years until the complete
genome was officially decyphered49 after James Watson and Francis Crick first dis-
covered the double helical structure ofDNA50. Over the last couple of decades, our
knowledge and understanding of DNA, the basic information carrier of life, has in-
creased rapidly. Yet, there is still a vast amount of open questions about DNA in
general and the compaction mechanisms of DNA into nucleosomes in particular
as the compaction and therefore the accessibility of DNA for transcription plays a
key role in cellular processes. In this chapter, an introduction toDNAwill be given
at first. Afterwards, the mechanism behind compacting DNAwith the help of nu-
cleosomes is described and later a detailed view of our current understanding of
nucleosome structure and dynamics is presented. The chapter will end with a brief
description of the questions on nucleosome structure that were addressed during
this thesis.
3.1 DNA and DNA compaction
The human genome consists of approximately 3.2 billion base pairs. One base pair
consists of two nucleotides, the basic building blocks of DNA. Nucleotides con-
sist of a nucleobase, a phosphate group and a five carbon sugar. The four different
nucleobases adenine (A), thymine (T), guanine (G) and cytosine (C) connect to
pairs (A + T or G + C) that stack upon each other to form the characteristic DNA
double helix (Fig. 3.1). When stacking the base pairs (bp) a rotation perpendicular
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Figure 3.1: Schematic of the building
blocks of DNA. Bonds between nucleotides
with bases G and C or A and T form to make
up a base pair. Stacking of these base pairs
results in the well know double helical struc-
ture: The DNA double helix. Reprinted with
permission from 48. Copyright by the Ameri-
can Society of Cell Biology.
to the stacking plane is introduced that, in combination with the shape of the nu-
cleotides, leads to void spots in the DNA structure - the major and minor grooves
- with a 10.5 bp periodicity. The full human genome of 3.2 billion base pairs cor-
responds to a length of 2 m DNA (~0.34 nm/bp) that has to be confined within
the narrow constraints of the cell nucleus. While knowledge of the existence of the
histone proteins was already there for a longer time, a first glimpse on the specific
compaction mechanism in play was gained over 40 years ago in the late 1970s. Ex-
periments with micrococcal nuclease (MNase) that digested ’free DNA’ but kept
DNA tightly wrapped around proteins intact, revealed DNA fragments with cer-
tain DNA repeat lengths that, with current knowledge, represent mono-, di- and
trinucleosomes51–55 (Fig. 3.2).
Figure 3.2: Electron micrograph of
Drosophila preblastoderm chromatin,
showing proteins wrapped by DNA and
linker regions between the proteins.
Reprinted with permission from 53. Copy-
right by Elsevier.
Further research led to our current understanding of the compaction of DNA into
the cell nucleus, where DNA is compacted in a hierarchical manner via manifold
protein-DNA interactions to finally form compact chromatin. The first step of
compaction consists of wrapping of ~147 bp of DNA around an octamer of four
different histone proteins, the nucleosome. By adding another histone protein, the
so called chromatosome is formed, confining ~167 bp ofDNA in total. Subsequent
nucleosome particles are separated by ’free’ unbound linker DNAwith lengths be-
tween 20 bp and 50 bp. Hierarchical folding of the chromatosome via short-range
internucleosomal interactions and long-range fiber-fiber interactions leads to com-
pact chromatin56 (Fig. 3.3). Until recently, itwas thought that these nucleosome re-
peats form the so called 30 nmfiber due to its appearancewhen reconstituting chro-
matin in vitro (as depicted in 3.3). However, recent researchmade itwidely accepted
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Figure 3.3: Manifold levels of chromatin
folding. DNA within the nucleus is hierarchi-
cally compacted through many histone-DNA
interactions. At first, DNA is wrapped in 1.7
turns around the histone octamer and sub-
sequent binding of histone H1 results in the
chromatosome. Further compacting inter-
actions result in the formation of larger or-
dered structures. As indicated by the ques-
tion mark in the figure legend, it is not clear
yet whether the so called 30 nm fiber is
the correct structure of compaction of DNA
into chromatin. Reprinted with permission
from 56. Copyright by Springer Nature.
that nucleosome fibers do generally not fold into this 30 nmfiber in the nucleus but
come in different high-level hierarchical structures and aggregates55;57. The resuling
compactedDNA is termed chromatin and comes in twomain forms: Euchromatin
is a lightly packed form of chromatin that has a high density of genes, and is often
under active transcription. In contrast, heterochromatin is a more tightly packed
form of DNA that can still be transcribed but due to its tight packing it is overall
less accessible for the transcription machinery58.
3.2 The nucleosome
The first step ofDNA folding - the formation of the nucleosome - plays a key role in
the mechanism behind chromatin compaction. In 1984, it was possible to resolve
the crystal structure of a nucleosome for thefirst time at 7Ångstrom, revealing that a
canonical nucleosome consists of two copies each of the four histone proteinsH2A,
H2B, H3 and H4 wrapped by ~146 bp of DNA and thus resulting in a molecular
weight of ~206 kDa59. Further work subsequently captured the nucleosomal crys-
tal structure at resolutions as high as 1.9 Ångstrom60;61. In the following sections,
at first a detailed introduction to the nucleosome structure is given (even though
it is important to realize that DNA sequence plays a role and that there are now
many nucleosome crystal structures62). Afterwards, the current state of knowledge
of nucleosome dynamics in general and in the light of atomic force microscopy is
reviewed to provide a starting point of ongoing research for subsequent chapters.
Before completing this chapter, an introduction to epigenetics and their implica-
tions on genomics and nucleosome structure are given.
3.2.1 Nucleosome structure
Today, the formation of the histone octamer and the wrapping of theDNA around
the core particle are well known: The four core histone proteins all share a com-
mon structuralmotifwith a folded central region being composed of threeα-helices
connected by intervening loops. At the N-terminal end a tail is protruding63. No-
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Figure 3.4: A, Rendering of the nucleo-
some core particle depicting histone H2A
(yellow), H2B (red), H3 (blue), H4 (green), and
one half of the wrapped nucleosomal DNA.
Note the histone tails that protrude from the
nucleosome core particle. The magenta ar-
row indicates the nucleosome dyad. B, The
same schematic from A without the core hi-
stones to visualize the positions of contacts
between the DNA and the histones for the
first half of DNA wrapping the histone oc-
tamer. The positions of contact are marked
according to their superhelical location (SHL)
along the DNA starting at the nucleosome
dyad. Reprinted with permission from 65.
Copyright by Elsevier
tably, the N-terminal tail of histone H3 is partially folded into another helix (α-N).
H3 and H4 form a tetramer with two copies each of the histones and two H2A-
H2Bdimers - connected via a ’handshake’motif - interact with theH3-H4 tetramer
via H2B-H4 contacts to finally form the histone octamer. This histone octamer is
wrapped by 146 bp of DNA in 1.67 left-handed superhelical turns via electrostatic
interaction and hydrogen bonds (Fig. 3.4). A recent study utilized ion-counting
to demonstrate that nucleosomes have a largely negative electrostatic potential with
some stretches of positive charge among the tails and the protein patches64.
To provide a system for orientation along the DNA path around the histone oc-
tamer, superhelical locations (SHL) with respect to the nucleosome dyad - the mid-
point of nucleosome wrapping - are defined. SHLs are separated by ~10 bp and
defined as negative numbers (-1, ..., -7) upstream and positive numbers (+1, ..., +7)
downstream of the nucleosome dyad65 (Fig. 3.4). The predominant contacts be-
tweenDNAand histone octamer are located around the ±X.5 locations of the SHL
(±0.5, ±1.5, ...) where the minor groove of the DNA is facing towards the histone
octamer. A high-resolution force-induced unwrapping study based on an optical
trap was able to draw three main conclusions about the histone-DNA interaction
within the nucleosome core particle66 (i), A nucleosome has three broad regions
of strong interaction located at the nucleosome dyad and approximately both ±40
bp upstream and downstream of the dyad, i.e. at SHL 0 and between SHL ±3.5
and SHL ±4.5. (ii),Unwrapping occurs with a ~5 bp periodicity reflecting the ma-
jor/minor groove periodicity of DNA. (iii), The interaction of DNA and histones
is particularly weak at the DNA entry/exit region of the nucleosome.
In hindsight, especially observation (iii) seems of specific importance for a later set
of studies that investigated nucleosome dynamics, an area of research that quickly
emerged over the last couple of years. This owes to the fact that nucleosomes are
highly dynamic - especially at the arm entry/exit site - and exhibit dynamics on the
millisecond to second timescale. In the following section, an introduction to these
nucleosomal dynamics and the work that orginally described them with different
experimental approaches will be given.
3.2.2 Nucleosome dynamics
In 1995, a study by Polach and Widom first proposed partial DNA arm unwrap-
ping to enable the binding of specific regulatory proteins to their DNA target se-
quence67. They developed a gel based assay that involves a restriction enzyme that
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Figure 3.5: Illustration of the different
versions of the W601 sequence used to
study the asymmetry of the nucleosome
unwrapping process. Unwrapping occurs
only from one side at the same time (anti-
cooperativity) and predominantly from the
stiffer side, i.e. with less AT dinucleotide
repeats at the major/minor groove (asym-
metry). Flipping the inner part of the se-
quence (601MF) led to predominant unwrap-
ping from the opposite side and symmetriz-
ing the stiffness of the inner halves (601S) led
to similar unwrapping probabilities of each
side . Reprinted with permission from 69.
Copyright by Elsevier.
cannot bind to its targetDNAsequence hiddenwithin the nucleosome core particle
when the nucleosome is fully wrapped. However, they observed that the restriction
enzyme will often be able to access its target sequence and cut the DNA leading
them to the suggestion that nucleosomes can partially unwrap to expose parts of
their wrapped DNA. Today, nucleosome unwrapping has been extensively investi-
gated but is still amatter of ongoing investigation. A recent study based on cryo-EM
provided a detailed analysis of the structural rearrangements the nucleosome core
particle exhibits when partially unwrapping68. About ~10 % of the nucleosomes
occured in states of partial unwrapping. They were then able to separate these par-
tially unwrapped nucleosomes into 7 classes of 5 bp unwrapping steps up to an un-
wrapping of 35 bp. Importantly, unwrapping of 35 bp resulted in a more flexible
H2A-H2Bdimer andwhenunwrapping evenmore, the dimer seemed to dissociate,
showing that DNA is required to stabilize the histone octamer.
Interestingly, Halic and coworkers also observed anti-cooperative unwrapping of
the nucleosome core particle, i.e. dissociation of the DNA from one nucleosome
side inhibiting unwrapping from the other side, and traced it back to structural re-
arrangements within the histone octamers that lead to a latch mechanism on the
wrapped side. This anti-cooperative unwrapping was already observed before in a
study based on single-molecule force manipulation and FRET69 where Ngo et al.
also found unwrapping predominantly to occur from one specific DNA end ow-
ing to the non-palindromic DNA sequence that is wrapping the nucleosomes: the
Widom 601 (W601) DNA sequence. The W601 sequence was first described in a
study that aimed on finding DNA sequence rules for high affinity histone octamer
binding70 and is currently used in a wide range of in vitro nucleosome experiments.
The Widom 601 positioning sequence
One of the features of theW601 sequence is a 10 bp periodicity ofATdinucleotides
in the central region (see Fig. 5.15). TheseATdinucleotides positioned at theminor
groove facilitate the winding of the DNA around the histone octamer. However,
the dinucleotides are not placed symmetrically with respect to the dyad position of
theW601 sequence making one side of theW601 sequence stiffer compared to the
opposite more flexible side (Fig. 3.5). Flipping the inner halves of the W601 se-
quences led to unwrapping now predominantly occuring on the opposite side and
16 Chapter 3: Introduction to DNA and nucleosomes
Figure 3.6: Illustration of the different
types of reported spontaneous nucleosomal
structural changes. The time scale on which
the respective dynamics occur are indicated
by the scale bar and brackets. Reprinted
with permission from 16. Copyright by An-
nual Reviews.
when symmetrizing the stiffness of the inner halves of the DNA wrapped around
the nucleosome, unwrapping occured equally likely from both sides69. The W601
sequence has an exceptional value for studies of nucleosomes on the singlemolecule
level due to its high affinity to bind to the histone octamer, yet, it is an artificial
sequence and a lot of work is put in understanding howDNA sequence might reg-
ulate and affect nucleosome positioning and DNA accessibility in vivo55;71–74. For
example, a recent study based on an advanced DNA cyclization method found that
DNA mechanics play a role in codon selection, since codons - sequences that en-
code the same amino acid - have a varying stiffness and therefore affect nucleosome
wrapping and DNA accessibility in general75.
More nucleosome dynamics and their time scales
The time scale of partial nucleosome unwrapping and rewrapping was studied in
several studies by different experimental methods such as magnetic tweezers76, op-
tical tweezers77 or stopped-flow fluorescence78;79 in the presence of the transcrip-
tion factor LexA and found time constants in the milliseconds to minute range at a
wide range of ionic conditions. Besides unwrapping and rewrapping - also termed
nucleosome breathing -, nucleosomes can also exhibit other dynamic processes (see
Fig. 3.9):
(i). During nucleosome sliding, the histone octamer moves along the DNAwithout
dissociating from it. To perform sliding, numerous contacts between the wrapped
DNA and the histone octamer must be broken. Nucleosome sliding has been ob-
served both triggered by remodeling enzymes80;81 and just by spontaneous fluctua-
tions82;83.
(ii). Nucleosome gaping describes a DNAmovement of about 5-10 Ångstroms per-
pendicular to the DNA wrapping plane at the minute time scale and was first pre-
dicted theoretically84 and later observed in a FRET study85.
(iii). InDNA tightening/loosening the DNA underwraps or overwraps the histone
octamer, either decreasing or increasing the amount of DNA bound to the histone
core86.
(iv). Finally, the histone octamer itself can undergo structural fluctuations both
within the stable core particle as well as in the extruding DNA arms as described in
recent Cryo-EM68;87 and NMR studies88;89.
All of these different dynamic processes took part in transforming the perception
of the nucleosome as described in 2019 by Zhou et al.90: ”The nucleosome is no
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longer considered a simple barrier that blocks access to DNA during transcription
and replication. Instead, it serves as a dynamic platform linking and integrating
many biological processes.”
3.2.3 Nucleosome structure and dynamics by AFM
In addition to the other techniquesmentioned in the past few sections such asCryo-
EM, NMR, FRET etc., AFM imaging, both of larger scan areas with single scans
or in high-speed applications with video rate imaging of smaller scan areas, is used
to study nucleosome structure and dynamics. An overview of previous findings
within these AFM nucleosome studies will be given in the following subsections.
Salt-dependence of nucleosome wrapping
Figure 3.7: Plots of wrapped nucleosome
DNA length at varying salt concentrations:
(Top) 10 mM Tris + 140 mM NaCl, (bottom)
10 mM Tris + 4 mM MgCl2. Reprinted with
permission from 91. Copyright by Elsevier.
DNA is carrying two negative charges per base pair resulting in a strong energy
barrier when trying to compact DNA due to DNA/DNA self-repulsion92. Elec-
trostatic interactions between the net positively charged histone octamer and the
negatively charged DNA are a driving factor for the assembly of the nucleosome
core particle that is also influenced by the availability of ions that can attenuate elec-
trostatic repulsion or attraction64. Early AFM work93 evaluating the number of
DNA turns wrapped in nucleosomes found a substantial decrease in DNA wrap-
ping when comparing images taken at ionic conditions of 50 mM NaCl with and
without 5mMMgCl2. Similarly, a recent AFM study of nucleosomewrapping un-
der varying ionic conditions found a substantial increase of nucleosome wrapping
in the presence of solely 4 mMMgCl2 compared to the presence of solely monova-
lent NaCl at 140 mM91 (see Fig. 3.7). This led them to the conclusion that Mg2+
facilitates the crossing of the negatively charged DNA arms right at the DNA en-
try/exit region and therefore taking on their ”crossed linker” conformation as it is
the case in the chromatosome when adding histone H1.
Chromatosomes
Figure 3.8: Example AFM images of a wild
type nucleosomewithout and with the linker
histone H1. Reprinted under a CC BY license
from 94. Copyright by Springer Nature.
Upon addition of histone H1 - the linker histone - to the nucleosome core parti-
cle, the chromatosome is formed. Histone H1 binds to the DNA entry/exit site
confining and additional ~10 bp of DNA on each side. An early AFM study on
nucleosomewrapping found an increase of a nucleosome population at smaller nu-
cleosome opening angles upon addition of H195 in line with previous AFM stud-
ies96;97. With current understanding, the reduction of the nucleosome opening an-
gle is causedby theoverlapof the exitingDNAarms that is introduceduponbinding
of histone H1 (see chapter 5 for a detailled description of nucleosome opening an-
gles). Recent AFM work that utilizes an automated image analysis platform made
similar findings with an increase of wrapping length and a decrease in the opening
angle (when converting their opening angles to the same opening angle definition
that was used in the previous work) upon addition of histone H1 to wild type nu-
cleosomes94. Notably, the sameworkwas also able to show the intrinsic asymmetric
unwrapping of the non-palindromicW601 sequence for the first time by AFM.
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Figure 3.9: Two-step unwrapping pro-
cess of nucleosomes by high-speed AFM.
The consecutive images show the individ-
ual steps of DNA unwrapping from the hi-
stone octamer. Reprinted with permission
from 104. Copyright by 2009 American Chem-
ical Society.
Nucleosome heights
The fundamental information that is gained by AFM imaging are the heights of
molecules. Logically, AFM has also been used to study the measured height and
the compressability of nucleosomes and several variants. A study that investigated
theYoung’smodulus ofCENP-Anucleosomes, centromeric nucleosomes that con-
tain the histoneH3 variant CENP-A, found increased elasticity in CENP-A nucle-
osomes compared to wild type nucleosomes, leading them to the conclusion that
CENP-A nucleosomes undergo more substantial structural fluctuations98. How-
ever, using the directly measured parameter height to draw biological conclusions
also has its drawbacks and has to be used carefully. For example, the measurement
of the heights ofCENP-A99 compared towild type nucleosome heights led to some
controversy100–103 about the reliability of heights measured by AFM that depend
on the surface chemistry, the ionic conditions and the measurement parameters of
the AFM system in use. Still, comparing heights that were imaged under exactly
the same conditions will definitely allow for interesting insights into the molecules
under investigtion.
Nucleosome dynamics by high-speed AFM
Figure 3.10: Spontaneous looping of
CENP-A nucleosomes imaged with high-
speed AFM. Reprinted with permission
from 105. Copyright by 2017 Oxford Univer-
sity Press.
Due to the rapid advancement of the capabilities of AFM to perform video-rate
measurements at high resolution, high-speed AFM has been used to study nucleo-
some dynamics over the last couple of years. Many of these studies were performed
by Yuri Lyubchenko and coworkers. Their early work described the sequential un-
wrapping accompanied by histone octamer dissociation104 and nucleosome slid-
ing82. Inmore recentwork, they investigated the dynamic unwrapping pathways of
CENP-A nucleosomes compared to wild type nucleosomes and observed pathways
not seen in H3 nucleosomes105. Here, formation of DNA loops around the his-
tone octamer was observed for CENP-A nucleosomes and CENP-A histone cores
sometimes exhibited large reversible translocations along theDNAof up to 180 bp.
For H3 nucleosomes these translocations - i.e. nucleosome sliding - have only been
observed over short distances of ~40 bp82.
Besides the findings described above in detail, AFM has also been used to tackle
many other questions such as the DNA sequence dependent binding of nucleo-
somes106, the interaction of RNA polymerase and nucleosomes during transcrip-
tion107, and the structure and dynamics of dinucleosomes108. Yet, structural stud-
ies based on AFM are often still limited by small sample sizes compared to tech-
niques such as cryo-EM and the often still manual data analysis that is tedious and
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error-prone. Therefore, several attempts have been undertaken to automate AFM
image analysis with tools such as Gwyddion and ImageJ or custom built software
that is oftendeveloped for very specific tasks such as themeasurement of bend angles
of DNA109;110, the analysis of nucleosome wrapping and opening angles94, or the
automated extraction of heights for well defined molecules in images111. Develop-
ing a versatile tool that is capable of automated analysis of biological molecules with
respect to manifold parameters is very difficult to realize and therefore still lacking.
An attempt on reliable automated tracing of the structural parameters of nucleo-
protein complexes is described and applied in chapters 4, 5 and 6. An overview of
the capabilities of several analysis tools and the analyzed parameters of the respective
studies - including what the method developed in this work was able to achieve - is
given in Fig. 3.11.
3.3 Epigenetics
Something that all studies and findings regarding nucleosomal structure and dy-
namics described in this chapter so far have in common is their focus on wild type
nucleosomes (except for quickly mentioning CENP-A nucleosomes). However,
epigenetics - the study of heritable phenotype changes that do not involve alter-
ations of the DNA sequence - has developed to a major area of ongoing research
as it has become more and more apparent that the epigenome provides an addi-
tional layer of information and cell signaling next to the DNA sequence itself114.
The epigenome is the umbrella term for all the chemical modifications to the DNA
and histone proteins of an organism that incorporate this additional layer of infor-
mation above the genome such as turning on or off certain genes or guiding the
transcription machinery within cells. In contrast to the genome, the epigenome is
continuously dynamically changed during the cell cycle7;80. in the following para-
graphs, a quick introduction to some of the wide range of epigenetic modifications
will be given together with a close look on the effect of these epigenetic modifica-
tions on the structure and dynamics of nucleosomes on the single molecule level.
Here, the focus lies primarily on modifications of the histones and the histone tails
instead of chemical modifications of the DNA that also play a key role within the
epigenome.
3.3.1 Histone tail modifications
First observations of the introduction of acetyl and methyl groups to histones were
made in 1964 in experiments concerned with the role of histones in nuclear func-
tion116. Today, a wide range of epigenetic modifications to the histones is known.
Methylation, acetylation and phosphorylation are three key modifications that are
observed on manifold locations along the histone tails and the globular domains
of the histones (see Fig. 3.12) next to other modifications such as ubiquitination,
glycosilation, carbonylation, or citrullination117.
Acetylation
In histone acetylation, an acetyl functional group is introduced to the amino acid
mostly at the N-terminal tail and thereby neutralizing the positive charge of the re-
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Figure 3.11: Overview of several previously applied analysis frameworks to study nucleosome conformations. The focus of this overview lies
on studies that investigated nucleosomes in large, static AFM images or via HS-AFM. Besides the studies mentioned in the overview 82;94;105;112;113,
some other recent nucleosome studies did not specify the analysis tools 91;106 or publish the custom code 83.
spective amino acid. Histone tails are rapidly undergoing acetylation and deacetyla-
tionwith an average acetylation event comprising a half-life of a fewminutes118. Ex-
amples of prominent histone acetylations are H3K56ac, an acetylation of lysine 56
of histone H3, and H4K16ac, an acetylation of lysine 16 of histone H4. H3K56ac
is linked to regulation of gene expression and transcription and was found to play
a role in DNA damage response119–121. On the single molecule level, H3K56ac in-
creasesDNAaccessibiliy122 andbreathingof theDNAends123. Similarly,H4K16ac
is related to gene activation and DNA damage repair124 and plays a prominent role
in controlling chromatin structure and protein interactions125;126. The effect of
H4K16ac on the structure of nucleosomes on the single molecule level will be in-
vestigated in chapter 6 and a more detailled introduction to this modification will
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Figure 3.12: Common positions of modi-
fications to the histone tails are marked by
triangles, squares and circles. Modifications
K79 and K56 of histone H3 are located within
the globular domain of the histone whereas
the other modifications depicted here are
located at the histone tails. The modifica-
tions include acetylation (Ac), phosphoryla-
tion (P), methylation (Me), and ubiquitina-
tion (Ub). Figure adapted with permission
from 115. Copyright by 2008 Informa UK Ltd.
be given then.
Methylation
Methylation does not change the charge of the residue but it alters the hydropho-
bic character and the overall size of the modified residue118. Eachmethylation adds
14 Daltons to the histone protein. In general, methylation of H3K4, H3K36, and
H3K79 is linked to transcriptional activitywhereasmethylationofH3K9andH3K27
relates to a repressed state117. Interestingly, together with other histone marks,
H3K9me3has alsobeen found responsible for transcriptional elongation127, demon-
strating the dual role of this marker in transcription on the one hand and in re-
pression on the other hand and thereby showcasing the importance of crosstalk and
combinatory effects of the manifold histone modifications. On the single molecule
level, methylation has been shown to have an effect on intrinsic nucleosome dynam-
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ics such as nucleosome destabilization in the case of H3K64me3 or histone-histone
destabilzation in the case of H4R92me15. A detailed description of the biological
implications ofH3K36me3will be given in chapter 6 togetherwith an investigation
of the effect of H3K36me3 on the nucleosome structure.
Phosphorylation
Phosphorylation adds twonegative charges andoccurs at serine, tyrosine, and threo-
nine residues. A study investigatingnucleosomes containingphosphorylationmim-
ics atH3Y41 andH3T45, i.e.at theDNAentry/exit regionof the nucleosome found
increased DNA unwrapping and increased DNA accessibility to transcription fac-
tor binding128. Similarly, phosphorylation of H3T118 enhances DNA accessibil-
ity on the nucleosome dyad and nucleosome mobility129 in addition to being able
to induce the formation of alternative nucleosome arrangements130. Other phos-
phorylations were also linked to gene regulation and DNA repair118. In particu-
lar, H3S10phos controls mitosis and gene expression and also plays a role in tran-
criptional activation of numerous genes131. A more thorough description of the
H3S10phos modification including an investigation of its implication on the nu-
cleosome structure will be given in chapter 6.
Whereas histone tailmodificationsmostly only introduce small chemical changes
to the amino acids of the histone tails, histone variants often introduce significant
changes to the amino acid sequence of the respective histones and often have large
structural implications on the nucleosome core particle. Examples of histone vari-
ants that affect nucleosome structure on the single molecule level or on the chro-
matin level are H2A.Z that was found to compact chromatin fibers more readily
compared to H2A nucleosomes132 or macroH2A and H2A.Bbd (Barr body de-
ficient) that wrap DNA more stably or more poorly respectively133;134. Histone
H3.3, a variant of histone H3, is highly enriched in euchromatin135 and it is sug-
gested that nucleosomes containing H3.3 have a reduced stability compared to H3
containing nucleosomes136. A prominent variant of histone H3 is the centromer
protein A (CENP-A) that was previously mentioned (see chapter 3 and Fig. 3.13).
Ahigh resolution structure ofCENP-Acontainingnucleosomeswas first published
in 2011 at 3.6 Ångstroms137. CENP-A pertains only 48 % sequence identity to the
canonical histone H3 and has strong implications for the nucleosome core particle
such as reduced DNA wrapping and overall stability. In chapter 5 CENP-A nu-
cleosome structure is investigated by AFM and compared to the structure of H3
containing nucleosomes.
3.3.2 Histone variants
Today, the modes of action of many of the previously described histone modifica-
tions and variants is still often poorly understood. Due to the abundant amount of
diverse modifications in play at the same time and the crosstalk and coupling effects
between these modifications, a complete understanding of the processes involved
takes enormous effort and is still a matter of ongoing research. A first step towards a
better understanding lies in understanding the effects of distinct histone modifica-
tions on the single molecule level. However, so far, there’s a lack of single molecule
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Figure 3.13: a, The amino acid sequence
and secondary structure of CENP-A com-
pared to H3. b, The close up view of the crys-
tal structure of CENP-A and H3 nucleosomes
show significant differences between the
two structures such as the reduced wrap-
ping of DNA and the shorter N-terminal α-
helix. Figure taken with permission from 137.
Copyright by 2011 Springer Nature.
techniques that allow for highly quantitative and reproducible studies while pro-
viding sufficient resolution to detect the small changes to the nucleosomal structure
and dynamics introduced by these subtle chemical changes. In the following chap-
ters, an easily reproducible and highly quantitative framework based onAFM imag-
ing and automated image analysis is developed for the study of nucleosome struc-
ture and the effect of these subtle modifications herein. After proving the strength
of the framework in the investigation of wild type nucleosomes, the framework is
then subsequently applied to CENP-A nucleosomes and nucleosomes containing
the histone tail modifications H3S10phos, H3K36me3, and H4K5/8/12/16ac.

4
Ahigh-throughput pipeline to determine DNA
and nucleosome conformations by AFM imaging
Atomic force microscopy (AFM) is a powerful tool to image macromolecular com-
plexes with nanometer resolution and exquisite single molecule sensitivity. While
AFM imaging is well-established to investigate DNA and nucleoprotein complexes,
AFM studies are often limited by small datasets and manual image analysis that
is slow and prone to user bias. Recently, we have shown that a combination of
large scale AFM imaging and automated image analysis of nucleosomes can over-
come these previous limitations of AFM nucleoprotein studies. Using our high-
throughput imaging and analysis pipeline, we have resolved nucleosome wrapping
intermediateswith 5base pair resolution and revealedhowdistinct nucleosomevari-
ants and environmental conditions affect the unwrapping pathways of nucleosomal
DNA. Here, we provide a detailed protocol of our workflow to analyze DNA and
nucleosome conformations focusing on practical aspects and experimental parame-
ters. We expect our protocol to drastically enhance AFM analyses of DNA and nu-
cleosomes and to be readily adaptable to awide variety of other protein and protein-
nucleic acid complexes.1
4.1 Background
Nucleosomes are the basic units of compaction of eukaryotic DNA into chromatin
and function as regulators of gene readout and activity.15;55;117 Canonical nucle-
osome core particles consist of two copies each of the four histones H2A, H2B,
H3 and H4 assembled into a histone octamer that is tightly wrapped by 147 bp
of DNA.60;138 Accessibility to the genetic code for readout and processing is facili-
tated by (partial) unwrapping of nucleosomal DNA and can be achieved either by
active processes involving e.g. RNA polymerase or nucleosome chaperones that ex-
1This chapter was reproduced from Konrad et al., Bio-protocol, 2021, in press, with permission
from Bio-protocol. Author contributions: All authors designed research. S.F.K. performed research,
analyzed data, and wrote the manuscript with input from all authors.
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ert forces and torques on the nucleosomes81;139–141, or spontaneously by thermal
fluctuations.142 Using single-molecule micromanipulation techniques such as op-
tical tweezers, the energetics of force-induced nucleosome unwrapping have been
probed at high resolution.66;69;143–145 However, the unwrapping landscape in the
absence of force has been more difficult to access.
Atomic forcemicroscopy (AFM) is a powerful tool to probe nucleosome struc-
ture and interactions due to its capability to imagemolecular complexes at the single
molecule level label-free and with sub-nanometer resolution, well suited to visual-
ize the DNA and protein components of nucleosomes.82;83;104;107;140 Recent im-
provements in hardware make fast imaging of thousands of molecules possible and
combination with automated image analysis enable highly quantitative and repro-
ducible studies of DNA and nucleoprotein complexes.45;94;110;146;147
By combining large field of view AFM imaging and automated image analy-
sis of DNA and nucleosomes, we have recently elucidated the nucleosomal wrap-
ping landscape for passive invasion of nucleosomes with linker DNA, in contrast to
the previous force-induced unwrapping assays.112 While we have demonstrated the
strength of our methodology by quantitatively capturing the conformational en-
semble of wildtype and CENP-A nucleosomes – centromeric nucleosomes where
histone H3 is replaced with the CENP-A variant –, the methodology can be easily
adapted to study awide rangeof openquestions such as the effect ofpost-translational
modifications on nucleosome wrapping or the impact of DNA sequence on nucle-
osome positioning on the single-molecule level.
The current protocol describes all steps necessary to study DNA and nucleo-
somes by AFM imaging, starting with the surface deposition of the molecules and
ending with the quantitative image analysis after AFM imaging. The protocol de-
scribes AFM imaging of dry samples in air. However, it can be readily adapted for
AFM measurements in liquid. In liquid, the deposition protocol and imaging pa-
rameters have to be adjusted. In particular, instead of drying the surface after de-
positing the sample, the sample buffer solution remains on the surface for imaging.
Examples of how to perform liquidAFMmeasurements have been published previ-
ously.147;148 Subsequent analysis of the AFM imagesmight also require adjustment
of the image analysis parameters (see AFM image analysis).
4.2 Materials and reagents
For surface deposition of the sample
1. Mica Grade V-1 25 mm discs (SPI supplies, catalog number: 01926-MB)
2. Marking tape ROTI (Carl Roth, catalog number: 8000.1)
3. 50 ml irrigation syringes (Braun, catalog number: 4617509F)
4. PARAFILM (Carl Roth, catalog number: H666.1)
5. Milli-Q H2O (Merck, catalog number: Z00Q0V0WW)
6. Poly-L-lysine (Sigma Aldrich, catalog number: P0879 – diluted to 0.01 % in
milli-Q H2O)
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7. N2 gas (to blow dry the surface)
8. Protein LoBind Tubes 0.5 ml (Eppendorf, catalog number: 0030108094)
9. DNA/nucleosome sample – prepared as described previously (Krietenstein
et al., 2012)
10. Deposition buffer (e.g. 200 mM NaCl + 10 mM TRIS, pH 7.6 – filtered;
the concentration of salt can be varied – for example, we have obtained high
quality images at 200/50/10 mM NaCl or 50 mM NaCl + 2 mM MgCl2,
always in 10 mMTRIS, pH 7.6)
11. Petri dishes (Carl Roth, catalog number: 0690.1)
12. Ethanol (Carl Roth, catalog number: T171.4 – diluted to 80 % with milli-Q
water)
13. Kimwipes (Kimtech, catalog number: 5511)
For AFM imaging
1. Glass slides (Thermo Scientific Menzel, catalog number: 15998086)
2. Double sided adhesive discs (SPI supplies, catalog number: 05095-AB)
4.3 Equipment
1. Self-closing tweezers (SPI supplies, catalog number: SN5AP-XD)
2. Vortex mixer (Scientific Industries, catalog number: SU-0236)
3. Centrifuge (to fit 0.5 ml Eppendorf tubes and spin down tube content; Carl
Roth, catalog number: T464.1)
4. Tweezers ESD-safe (SPI supplies, catalog number: 0CFT07PE-XD)
5. AFM cantilevers for high-speed imaging in air; we used FASTSCAN-A (res-
onance frequency 1400 kHz, spring constant 18N/m; Bruker) or AC160TS
(200-400 kHz, 26 N/m; Olympus) cantilevers
6. Imaging AFM; we employed a Nanowizard Ultra Speed 2 (Bruker) and a
MultiMode 8 (Bruker)
4.4 Software




4. Software toolbox to analyze DNA and nucleosomes in AFM images (previ-
ously described112 and available for download at the Github repository)
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Figure 4.1: Surface deposition steps. A, Overview of materials required for the surface deposition of the sample as described in Materials and
Reagents. B, A mica disc is placed under marking tape. C, Tearing off the tape removes a layer of the mica plate and leaves behind a flat and clean
surface for the subsequent sample deposition. D, Poly-L-lysine and sample solutions are pipetted on the center of the mica plate and incubated
for 30 s each, with washing and drying steps E and F directly after each incubation. E, After 30 s of incubation, the surface is rinsed by gently
dropping 50/20 ml milli-Q H2O of the syringes on the surface and letting it flow off by rotating the mica plate. F, After rinsing, the surface is dried
by perpendicularly pointing a nozzle with a gentle stream of N2 gas onto the surface.
4.5 Procedure
4.5.1 Surface deposition of the sample
Note: Contaminations can affect the quality of the imaging surface and thus imag-
ing quality in general. It is therefore important that all instruments are kept clean
throughout the process.
1. Clean the workbench with ethanol and kimwipes thoroughly. Flush the tip
of the self-closing tweezers with ethanol and blow-dry the tweezers with N2
gas. Place the tweezers on a kimwipe such that the tip does not get contami-
nated and does not touch the bench (Fig. 4.1A).
2. Place two stripes of the marking tape next to each other on the bench with
a small overlap (Fig. 4.1A) such that they are wide enough to completely
cover the mica disc. Tear off part of the marking tape and put the mica disc
underneath. Apply pressure such that the tape fully attaches to the surface
of themica (Fig. 4.1B). Tear off the tapewith a quickmovement to cleave the
mica (Fig. 4.1C). It is important that a full layer of the mica is removed. If
only part of a layer was removed or if there are small cracks on the remaining
surface, just repeat this step until a whole layer is removed. Store the cleaved
mica disc in a petri dish while preparing the next steps.
3. Remove two sterile syringes fromtheir packing and remove theplunger. Make
sure that the front of the plunger and the syringe barrel do not make contact
anywhere to avoid contamination. Seal the syringe barrels with the clean side
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of parafilm and fill with milli-Q water. Place the plunger back in the barrel
and press down the plunger such that the parafilm tears and water flows out
of the syringes. Remove the parafilm and adjust the plunger such that one
syringe holds 50 ml and the other syringe holds 20 ml of milli-Q water. Fill-
ing the syringes directly from the storage bottle from the back, as opposed to
drawing up fluid with the plunger, helps to avoid contaminations.
4. Prepare a 20µl aliquotof the0.01%poly-L-lysine (seeMaterials andReagents),
shortly vortex it and briefly spin down the content of the Eppendorf tube in
a centrifuge (~2 s @ 2000 rpm). Keep the aliquot on ice.
5. Pipette the 20 µl poly-L-lysine solution onto the center of the freshly cleaved
mica (step 2) and incubate for 30 s (Fig. 4.1D). Make sure not to touch the
surface with the pipette. During the 30 s incubation, pick up the mica plate
with the self-closing tweezers and pick up the 50 ml syringe and move to a
sink or a waste container to be able to start flushing after exactly 30 s. It is
important to keep the mica surface horizontal and as still as possible during
the movements to ensure a high quality of the surface deposition. Flush the
surface by dropping droplets from the syringe on the edge of the mica plate
(not in the center where the poly-L-lysine was placed) and periodically tilting
the mica plate such that the water flows off (Fig. 4.1E). After flushing with
50 ml, make sure to leave some water on the surface to avoid unintentional
drying.
6. With the surface still covered in water, start drying the mica surface with a
gentle stream of N2 gas by quickly tilting the mica surface to a vertical posi-
tion and targeting the center of the mica with the stream perpendicularly, at
about 2 cm distance (Fig. 4.1F). Once the center of the surface is dry, move
the stream to the edges until the mica is completely dry.
7. Dilute the sample solution with buffer (in our case 200 mMNaCl + 10 mM
Tris) to achieve the desired concentration for surface deposition and incubate
on ice for 60 s. Nucleosome samples and buffer are stored at 4 °C and put on
ice before starting the surface deposition. A total volume of at least 25 µl
is required for surface deposition. Diluting 1 µl nucleosome/DNA sample
solution (containing roughly 30 ng/µl 486 bp DNA and 10 ng/µl histones,
corresponding to 120nMnucleosomes; prepared as describedpreviously149)
with 40µl buffer solution resulted in a good surface density forAFM imaging
(i.e. dense enough to have many molecules in one field of view but not too
dense to have too many molecules overlap with each other).
8. After 60 s of incubation on ice, pipette 25 µl of the buffered sample solution
on the center of the poly-L-lysine coated mica plate and incubate for 30 s.
Again, proceed as in steps 5 and 6 rinsing – this time with a 20 ml volume of
milli-Q water – and subsequently drying the surface.
9. Store the mica disc in the petri dish at room temperature until starting the
AFM measurement. The AFM surface should always be prepared on the
measurement day.
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Figure 4.2: Mounting the sample in the
AFM. A, The mica plate with the deposited
sample is fixated on a glass slide with three
double-sided adhesive discs. The glass side
is then placed on the AFM stage. B, The AFM
cantilever is mounted onto the glass block
that was delivered with the AFM system
(Ultra-Speed Glassblock, JPK, catalog num-
ber: 22229-E-01). C, Subsequently, the glass
block is placed in the designated spot at the
bottom of the AFM scanner head. D, To fi-
nalize the setup, the scanner head is placed
on the AFM stage.
4.5.2 AFM imaging of nucleosomes and DNA
Note: : The imaging is performed on a Nanowizard Ultraspeed 2 system and the
steps presented here will slightly vary for other instruments. The steps to start the mea-
surement are only described briefly since they can be found in the user manual of the
respective AFM system in detail. The focus of this section lies on tips and tricks on how
to tune AFM imaging and what to look out for to achieve highest image quality for
large datasets of DNA and nucleosomes.
1. To prepare the final imaging surface, place three double-sided adhesive discs
on a glass slide while leaving an area in the center free (Fig. 4.2). Place the
samplemica plate on the adhesive region such that the central area of themica
alignswith the adhesive free region of the glass slide and apply gentle pressure
on the mica above the three adhesive discs, i.e. not in the center where the
sample was placed, with the tweezers to fixate the mica more strongly.
2. Install the glass slide with the mica plate on the sample holder of the AFM
(Fig. 4.2A).
3. Place the cantilever in the cantilever holder glass block (Fig. 4.2B) andmount
the glass block in the AFM scanner head (Fig. 4.2C). Afterwards, place the
AFM head on the stage (Fig. 4.2D).
4. Start the JPK SPMDesktop software and select ACMode Fast Imaging (Fig.
4.3A).
5. Go to the Setup Experiment tab and focus the green crosshair on the AFM
cantilever tip as seen in the camera view (Fig. 4.3B).
6. Align the laser on the cantilever tip using the screws indicated by the green
arrows in Fig. 4.3C to maximize the signal that is collected by the detector.
The sum of the collected signal is represented by the blue bar (Fig. 4.3C).
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Figure 4.3: AFM software and settings for imaging. A, The JPK SPMDesktop (7.0.128) software has several imagingmodes available. The desired
mode for this experiment is ACMode Fast Imaging. B, Via an optical microscope a view of the AFM cantilever allows to place the cantilever centrally
within the scanner head (green cross). C Laser alignment onto the tip of the cantilever to maximize the amount of signal reflected towards the
detector. D, Alignment of the detector such that the maximum of the signal is in the center of the quadrant detector. E, Cantilever calibration
based on the thermal noise spectrum yields an estimated spring constant of 19.7 N/m. F, AC Feedback Mode Wizard to select the drive frequency
and the drive amplitude of the AFM cantilever. G, Typical imaging settings used for our DNA and nucleosome images. H, System status after
successful approach of the cantilever towards the surface. I, Scanning of the first lines of a 6 µm x 6 µm field of view displaying both image trace
(left) and retrace (right).
For FASTSCAN-A cantilevers, a sum signal between 1.3 and 1.5 is typical.
Other cantilevers yield different sum signals based on the reflection achieved
by the back of the cantilever tip.
7. Align the detector such that themaximumof the signal is in the center of the
32 Chapter 4: A high-throughput pipeline to determine DNA and nucleosome conformations by AFM imaging
quadrant detector using the screws marked by the green arrows in Fig. 4.3D.
In case that proper alignment of the laser is not possible, adjust the mirror
that reflects the laser signal towards the detector first (red arrow Fig. 4.3D),
and then do alignment fine tuning with the screws afterwards.
8. To calibrate the cantilever, select the room temperature and press on cali-
brate (Fig. 4.3E). The calibration uses the thermal noise spectrum150 of the
cantilever and determines the spring constant and the inverse lever sensitiv-
ity, which is used to convert the measured cantilever deflection from V to
nm. The spring constant should liewithin the specificationsof the cantilevers
used (for FASTSCAN-A cantilevers typically between 17-19 N/m but may
vary for different batches).
9. Go to theAcquire data tab and scan the cantilever for its resonance frequency
in theACFeedbackModeWizard (Fig. 4.3F). For FASTSCAN-Acantilevers
it should be around 1.2-1.4 kHz. Select the driving frequency for the mea-
surement by placing the horizontal dashed line (Fig. 4.3F) slightly left of the
peak. Place the horizontal dashed line accordingly to reach a setpoint of 85-
90 % at a target amplitude of 12 nm.
10. Start approaching the surface by pressing the Approach button (Fig. 4.3G).
It is recommended to coarse approach the surface with the head internal Z
scanner as it covers a larger Z range and switch to the smaller but faster Fast
HG scanner before starting to scan (this can be done in the Z Scanner Selec-
tionmenu). Our typical imaging parameters are shown under Force Control
and Scan Control (Fig. 4.3G). After the approach succeeded, the z-position
and the Laser Align should be in green color (Fig. 4.3H).
11. Once approached to the surface, verify the resonance peak again in the AC
Feedback Mode Wizard window, as the cantilever resonance can change un-
der the influence of a nearby surface.
12. Start imaging (Fig. 4.3I).
Notes: Choose image size, scan speed, and pixels once and keep the settings constant.
In our experience, the best results were obtained at a resolution of 1.46 nm/pixel either
scanning 2048 x 2048 pixels in a 3 µm x 3 µm field of view or scanning 4096 x 4096
pixels in a 6 µm x 6 µm field of view. Scanning is then performed at 3 or 1.5 lines
per second respectively. The image size represents a compromise between the number
of molecules imaged and the imaging time required. The field of view should not
be smaller than 3 µm x 3 µm, since it is important to have enough molecules (>100
DNAandnucleosomes) for good statistics in the subsequent analysis. Conversely, when
scanning even larger areas (e.g. 12 µm x 12 µm), the time required for recording one
image at scanning speeds low enough to enable excellent resolution starts to exceed 1
h, such that cantilever wear and drift become problematic. In addition, very large
images are computationally cumbersome to process.
1. Scanning speed matters! When scanning too fast, the molecules will appear
less ”sharp” and thus image quality will overall be worse. However, scan-
ning too slowly will increase the effect of drift on the image. The scanning
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Figure 4.4: DNA length as a quality con-
trol parameter to detect AFM scanning ar-
tifacts. A, Example DNA strand at the bot-
tom of an AFM image acquired on a Multi-
Mode 8 AFM system. B, Example DNA strand
at the top of and AFM image acquired on a
MultiMode 8 AFM system. The traced DNA
contour is indicated by the yellow line in A
and B. C, AFM image with a field of view of
3 µm x 3 µm imaged at 2048 x 2048 pix-
els acquired on a MultiMode 8 AFM system.
The DNA molecules shown in detail in pan-
els A and B are indicated by the boxes in the
image. D, Distribution of DNA lengths mea-
sured at different y-positions (bottom to top)
from a total of 10 AFM images on a Multi-
Mode 8 AFM equipped with a tube scanner.
Non-linear effects in the AFM system, likely
piezo creep, cause the DNA strands in the
bottomof the image to appear to have differ-
ent lengths than the DNA strands elsewhere
in the image. E, Distribution of DNA lengths
measured at different y-positions (bottom to
top) for the JPK Nanowizard Ultraspeed 2.
For this instrument, the drift effects due to
piezo creep are significantly reduced, likely
due to its linearized scanner design.
speed should thus be chosen as high as possible while maintaining the sharp
imaging of molecules. For this purpose, we usually measure the diameter of
DNA on the surface as it appears in the AFM image. Due to tip convolu-
tion, the DNA does not have a visible diameter of 2 nm as expected from its
crystal structure. A 6-8 nm DNA apparent full width at half maximum is a
good value to target for ongoing AFM imaging making sure that the molec-
ular resolution is high enough for quantitative assessment of the structural
parameters. Sometimes, achieving a stable 6-8 nmDNAdiameter can be dif-
ficult and requires tuning of the imaging parameters (i.e. adapting the drive
frequency, the drive amplitude, the setpoint and feedback gain) or exchang-
ing the cantilever.
2. For the large images with hundreds of molecules imaged here, nonlinear be-
havior and hysteresis of the piezos can cause artifacts and distortions that
affect the structural parameters of DNA and nucleosomes. As an example,
when imaging 3 µm x 3 µm images on a MultiMode8 AFM (Bruker), DNA
molecules appear shorter in the beginning (bottom) of the scan than at the
end (top of the image, Fig. 4.4A). This shortening effect is strongest for the
first scans, but still occurs at reduced intensity in subsequent scans. In con-
trast, scanning even larger 6µmx6µm images on theNanowizardUltraspeed
2 does not show these nonlinear effects (Fig. 4.4B). Typically, while contin-
uously imaging, these non-linear effects and drift tend to decrease over time
once the system stabilizes after warming up.
3. All AFM cantilevers are different, and important properties such as tip ra-
dius, resonance frequency, and spring constant can vary significantly between
batches. Even cantilevers that are within the specifications of the respective
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Figure 4.5: Plane correction of the raw AFM image. A, Raw AFM image displayed in the JPK Data Processing software (version 7.0.128). B, AFM
image after applying a plane fit of first order. C, AFM image after consecutively applying line leveling. D, Plane correction parameters best used
when plane correcting the raw AFM image using SPIP (Parameters – Mode: Custom, Global Correction: Average Profile Fit, Estimation Volume:
Entire Image, Line-wise Correction: Histogram Alignment, Z Offset Method: Set Mean to Zero). E, The same raw image as shown in panel A (left)
and after applying the plane correction in SPIP (right).
model can show significant variations in obtainable image quality. On the
Nanowizard Ultraspeed 2 AFM setup, we had the best imaging results with
FASTSCAN-A cantilevers (Bruker). On a MultiMode 8 AFM system that
was used in the past, we had the best imaging results using AC160TS can-
tilevers (Olympus). However, due to the lower resonance frequency of the
AC160TS cantilevers compared to FASTSCAN-A cantilevers and due to the
smaller maximum image size of the MultiMode 8 (2048² pixels), both the
scanning speed (1 Hz) and the field of view (3 µm x 3 µm to keep the pixel
size constant) are generally smaller and make the system more prone to drift
and limited statistics when analyzing the image. Still, it was possible to take
data sets of similar quality – despite the imaging taking longer on theMulti-
Mode 8 – on both instruments.
4.5.3 AFM image analysis
Note: We have developed an analysis pipeline written in Python to analyze the AFM
images, which has been described in detail previously.112Adetailed guide on how to set
up the Python analysis pipeline can be found on the Github repository. Therefore, the
image analysis pipeline is described only briefly here and the focus will lie on tips and
tricks on how to test image quality from the structural parameters obtained from the
image readout. In addition, we discuss possible further analyses to obtain additional
parameters such as DNA persistence length and states of nucleosome wrapping.
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Figure 4.6: Image analysis post-
processing software. A, Example input
parameter settings for automated readout
of the AFM images. B, File dialogue to
select the desired AFM image for auto-
mated readout. C, Output of the analysis
software during processing. The number
of molecules detected in one example AFM
image.
1. To preprocess the rawAFM images, apply either a plane fit or an average pro-
file fit to the surface and subsequently apply a line-wise leveling to remove
observable steps between subsequent scan lines due to noise in the scanner
system. The plane correction can be performed using either the image analy-
sis software supplied by the AFMmanufacturer (JPK Data Processing from
JPK in our case, Fig. 4.5 A-C) or using the commercially available software
SPIP (ImageMetrology, Fig. 4.5D-E). Save the leveled AFM image as ASCII
file for further processing.
2. Open the custom Python code as described in the installation guide112 and
select the desired analysis parameters. See Fig. 4.6A for example analysis pa-
rameters used for analyzing the DNA and nucleosomes in our images. De-
pending on the background noise level, parameter tuning might be needed
to maximize molecule detection. If the value of the background threshold
is chosen too small, the molecules cannot be separated properly from the
background and if the value is chosen too high, the molecules might become
fractured. Still, thresholding does not affect the final nucleosome parameters
such as volume, opening angle, or height.
3. Run the code and select the image you want to analyze from the file dialogue
(Fig. 4.6B). DNA and nucleosomes are then detected and their structural
parameters are analyzed automatically (Fig. 4.6C). The results are saved to
an Excel worksheet. As described in the user manual, you can also choose to
manually help categorizing molecules that cannot be categorized automati-
cally (such as two slightly overlapping DNA strands) by setting the manual
filtering parameter (Fig. 4.6 A) to True.
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Figure 4.7: Example analysis of DNA and nucleosome conformations for a dataset obtained with the protocol presented here. A, Distribution
of bareDNA lengths. The solid line is aGaussian fit centered at 151 ± 3 nm (mean ± STD).B, TheDNA length is determined by tracing its contourwith
segments of 5 nm length and the relative orientation of consecutive segments yields DNA bend angles The solid line is a fit with a folded Gaussian
as described previously 151 to obtain the DNA persistence length (lp = 52.7 nm). C, Distribution of DNA length wrapped around nucleosomes. The
solid line is a double Gaussian fit to the data. The peaks are centered at 120 ± 14 bp and 168 ± 12 bp (mean ± STD). D, Distribution of nucleosome
opening angles. E, Example image and tracing of a fully wrapped nucleosome. F, Example of an analyzed partially unwrapped nucleosome. G,
2D kernel density profile (bandwidth = 2.5°, 2.5 bp) of nucleosome opening angles and wrapped lengths. The cartoons in the insets depict the
qualitative shape of fully and partially wrapped nucleosomes.
4. Repeat the image analysis for all images of the data set in order to have all
DNA and nucleosomes of the imaging run analyzed.
5. The structural parameters stored in the Excel worksheet can be used to gain a
broad understanding of the DNA and nucleosomes in the images and serve
as an input for further analysis, for example by principle component analyses
or clustering. For an example data set of wildtype nucleosomes reconstituted
on a DNA segment of 486 bp possible further analysis and plots are shown
in Fig. 4.7 A-E.
Notes:
1. We typically deposit both bare DNA and nucleosomes on each surface for
imaging, since the average length of the bare DNA is used to estimate the
amount of wrapped DNA of a nucleosome by subtracting the length of the
two arms from the average bare DNA length. Using the DNA length deter-
mined from co-deposited molecules is more accurate than using an average
DNA length from separate imaging runs since even if the tip geometry does
not change while measuring, the bare DNA length might differ slightly be-
tween images due to changes in drift.
2. Looking at the average values of structural parameters such as the average
length of bare DNA and the average nucleosome volume provides insights
about the change in data quality for a specific dataset. As a rule of thumb, for
a well-imaged high-quality dataset, the average bare DNA length should not
differ by more than 2 nm over multiple images. Similarly, constant average
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Figure 4.8: DNA length and nucleosome
volume as quality control parameters for
AFM imaging. A, Average DNA length in sub-
sequent images (mean and standard devia-
tion over 200 DNA strands per image). B, Av-
erage nucleosome volumes in subsequent
images (mean over ~400 nucleosomes per
image). Shown are two data sets obtained
on a Nanowizard Ultraspeed 2, each com-
prising multiple 6 x 6 µm2 images. All im-
ages in one data set were obtained using
the same AFM tip. Data set 1 consists of
7 AFM images and data set 2 consists of 9
AFM images that were analyzed with respect
to DNA and nucleosome structural param-
eters such as DNA length and nucleosome
volume. For data set 1, the system stabi-
lized during the first three images as indi-
cated by almost constant DNA lengths and
nucleosome volumes after image 3. In con-
trast, in data set 2, the volume parameter
still shows fluctuations after several hours of
imaging (~45 min per image) indicating that
the system is less stable. Overall, in data
set 2 the DNA lengths and the volumes are
larger than for data set 1, indicating that the
AFM cantilever has a less sharp tip.
nucleosome volume (exhibiting not more than 5-10 % difference for images
of the same dataset) is a good measure for image quality and an increase or,
in general, variation of nucleosome volume during a measurement run indi-
cates changes in the tip geometry and will affect the structural parameters in
general (Fig. 4.8).
3. A detailed description of how to extract 5 bp unwrapping populations from
the data obtained using this protocol can be found in our previous publica-
tion.112
4. Typically, datasets of ~1000 nucleosomes or more are required to allow for a
detailed analysis of the unwrapping landscape.
5. Additional parameters that are stored in the output Excel sheet such as radius
of gyration, end-to-end distance or length of the individual nucleosome arms
allow for many different analyses. As an example, the 2D distribution of arm
lengths and opening angles can be used to test for anti-cooperative unwrap-
ping or the ratio of arm lengths can be used to assess nucleosome positioning
along the DNA strand.
4.6 Notes
1. While this protocol was developed for imaging and analysis of DNA and nu-
cleosomes, it can be readily adapted to other nucleo-protein complexes.
2. Short chained poly-L-lysine should be used to guarantee a monolayer on the
surface.
3. Our surfacedeposition and imagingprotocol is compatiblewith abroad range
of ionic conditions. For example, we obtained high-quality images using 10
mMNaCl, 200 mMNaCl or 2 mMMgCl2 (always with 10 mMTRIS, pH
7.6). Importantly, ionic conditions significantly affectDNAandnucleosome
geometry.64;92;112
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5
High-throughput AFM analysis reveals
unwrapping pathways of H3 and CENP-A
nucleosomes
Nucleosomes, the fundamental units of chromatin, regulate readout and expression
of eukaryotic genomes. Single-molecule experiments have revealed force-induced
nucleosome accessibility, but a high-resolution unwrapping landscape in the ab-
sence of external forces is currently lacking. Here, we introduce a high-throughput
pipeline for the analysis of nucleosome conformations based on atomic force mi-
croscopy and automated, multi-parameter image analysis. Our data set of ~10 000
nucleosomes revealsmultiple unwrapping states corresponding to steps of 5bpDNA.
For canonical H3 nucleosomes, we observe that dissociation from one side impedes
unwrapping from the other side, but in contrast to force-induced unwrapping, we
find only a weak sequence-dependent asymmetry. Notably, centromeric CENP-
A nucleosomes do not unwrap anti-cooperatively, in stark contrast to H3 nucleo-
somes. Finally, our results reconcile previous conflicting findings about the differ-
ences in height between H3 and CENP-A nucleosomes. We expect our approach
to enable critical insights into epigenetic regulation of nucleosome structure and
stability and to facilitate future high-throughput AFM studies that involve hetero-
geneous nucleoprotein complexes.1
5.1 Introduction
Nucleosomes are fundamental to the compaction of eukaryotic genomes into chro-
matin and function as regulators of gene activity.55;152;153 While a large number of
static nucleosome structures has become available in the past two decades,60;90 the
1This chapter was reproduced from Konrad et al. 112, with permission from the Royal Society of
Chemistry. Author contributions: S.F.K., W.V. and J.L. designed the experiments. S.F.K. performed
biochemical experiments and W.F., T.B. and S.D.F. supported AFM measurements. B.M. assisted
with data analysis. S.F.K., W.V. and J.L. wrote the paper with input from all authors
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dynamic nature of nucleosomes154 and the role of epigenetic modifications15 re-
main unclear. Since dynamic structural changes influence the accessibility of nucle-
osomal DNA for readout155 and processing,156;157 it is critical to understand nu-
cleosomal unwrapping. In the cell, unwrapping of DNA from nucleosomes can
be achieved either by active processes involving e.g. RNA polymerase or nucleo-
some chaperones that exert forces and torques on thenucleosomes,139;141 or sponta-
neouslyby thermal fluctuations.142Using single-moleculemicromanipulation tech-
niques such as optical tweezers, the energetics of force-induced nucleosome un-
wrapping have been probed at high resolution.66;69;144 In contrast, the unwrapping
landscapes in the absence of force have thus far been less explored due to a lack of
suitable techniques. Nevertheless, such spontaneous access to nucleosomal DNA
sequences is fundamental for the binding of proteins involved in gene regulation,
recombination, and repair.67;142;158
Canonical nucleosome core particles consist of two copies each of the four hi-
stones H2A, H2B, H3 and H4 assembled into a histone octamer that is tightly
wrapped by 147 bp ofDNA.52;138 The central 121 bp ofDNA contact structurally
conserved histone-fold domains and the remaining 13 bp of DNA at each end bind
to the N-terminal alpha-helix4 (αN) of histone H3. Electrostatic interactions and
hydrogenbonds stablypack theDNAonto thehistoneoctamer,whileDNAbreath-
ing, sliding, gaping, tightening, and loosening allow for nucleosomal dynamics on
millisecond to minute time scales.16;82;85;159 Partial unwrapping of the nucleosome
core particle has been shown tooccur anti-cooperatively16withunwrappingonone
end stabilizing thewrappedDNAon the opposite end in canonical nucleosomes.68
Numerous histone variants and post-translational modifications yield nucle-
osomal structures with varying degrees of stability and DNA wrapping.15;153;160
In centromers – the chromosomal domains where both chromatids come together
– H3 is replaced by the histone variant CENP-A, which has 64% sequence iden-
tity161–163 withH3. Crystallographic studies137 have revealed that in CENP-A nu-
cleosomes reconstituted with human α-satellite DNA, the 13 bp of DNA at each
end are more flexible than in H3 nucleosomes due to one missing helical turn of
αN.
Atomic forcemicroscopy (AFM) is a powerful tool to probe nucleosome struc-
ture and interactions due to its capability to imagemolecular complexes at the single
molecule level labelfree and with sub-nanometer resolution, well suited to visualize
the DNA and protein components of nucleosomes.28;82;83;104;107;140 Nevertheless,
the accuracy andprecision ofmeasurements of structural parameters byAFMsuffer
from convolution of themolecular and AFM tip geometry, from the typically small
sample sizes, and from inconsistencies associated with manual data analysis.
Here, we present an automated analysis pipeline for DNA and DNA–protein
complexes in AFM topographic images that makes possible rapid and highly quan-
titative assessment of thousands of molecules with single-molecule resolution. Us-
ing the capabilities of our multi-parameter analysis, we reveal distinct unwrapping
states of canonical H3 and CENP-A nucleosomes. We observe unwrapping of the
two DNA ends to be anti-cooperative in H3 nucleosomes, consistent with previ-
ous reports. In contrast, no anti-cooperative unwrapping was found for CENP-
A nucleosomes. Our results reconcile previous conflicting results on the height of
CENP-A nucleosomes and reveal an important role of DNA crossovers in modu-
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lating the energy landscape of nucleosome wrapping.
5.2 Results
5.2.1 Automated AFM image analysis to quantify nucleosome confor-
mations
We assembled nucleosomes by salt gradient dialysis on 486 bpDNA constructs un-
der sub-stoichiometric conditions, such that the final sample contains bare DNA
and predominantly mono-nucleosomes. Our DNA construct comprises a W601
nucleosome positioning sequence70 (147 bp) flanked by a short DNA arm (106
bp) and a long arm (233 bp) (Fig. 5.1a) and was used for both H3 and CENP-A
nucleosomes (Methods).
We deposited samples from aqueous buffer on poly-L-lysine coated mica prior
to rinsing and drying of the sample.148;164 High-resolution images of the deposited
nucleosome sampleswereobtainedby amplitudemodulationAFMinair (Fig. 5.1b).
Wedeveloped an automatedAFMimage analysis pipeline to extract structural infor-
mationof thousands ofDNAandnucleosomes (Fig. 5.1c) bymulti-parameter anal-
ysis. Molecule detection consists of a background subtraction after applying aGaus-
sian filter and a subsequent skeletonization165 of both bare DNA (Fig. 5.1d) and
nucleosomes (Fig. 5.1e). The skeletonized backbone of the molecules serves as the
basis for classification: whereas the skeleton of bareDNAhas exactly two endpoints
and no branchpoints – points that have more than two neighbors – the skeleton
of nucleosomes contains exactly two endpoints and two branchpoints. An adapted
version of a previously published algorithm to traceDNA inAFM images109 is used
to measure the length of bare DNAmolecules and nucleosome arms. Volume and
height of the nucleosome core particles are estimated by fitting half ellipsoids to the
measured height data (Fig. 5.1e). The vectors connecting the DNA arm-ellipsoid
intersections and the center of the ellipsoid define the nucleosome opening angle
(Fig. 5.1e).
Our fully automated image analysis pipeline achieved a detection rate of ~95%
(Fig. 5.9), reducing the fractionof undetectedmolecules at least four-fold compared
to the most advanced previous automated analysis framework for DNA–protein
complexes.94 Importantly, the automated analysismakes possible high-through-put
analysis of the large data sets generated by state-of-the-art AFM instruments imag-
ing large fields of view by operating at high scan speeds: for example, imaging and
automated tracing of a 12 µm × 12 µm field of view yielded structural parameters
for 1250 bare DNA strands and 1345 nucleosomes (Methods and Fig. 5.1c).
5.2.2 Identifying wrapping intermediates by multi-parameter analysis
To quantify nucleosome wrapping, we first evaluated the average contour length
of bare DNA molecules and found lc = 152.9 ± 6.3 nm (mean ± std from 5651
molecules, Fig. 5.9) corresponding to a length per bp of 0.314 ± 0.013 nm, in ex-
cellent agreement with previous measurements by AFM147;166 and solution X-ray
scattering.167 Similarly, we analyzed theDNA arm lengths of nucleosomes. By sub-
tracting the combined nucleosome arm lengths from the mean contour length of
bare DNA molecules, we obtain the wrapped length, i.e. the length of DNA con-
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Figure 5.1: DNA and nucleosome structure parameters by automated AFM image analysis. a, Scheme of the DNA construct used throughout
this work with a total length of 486 bp (106 bp + 147 bp Widom601 sequence + 233 bp) and the histone octamer (two copies each of H2A, H2B, H3
or CENP-A and H4). b, AFM image with a field of view of 12 µm × 12 µm with 81922 pixels corresponding to a resolution of 1.46 nm per pixel. c,
AFM image after tracing 1250 bare DNA strands (orange) and 1345 nucleosomes (yellow) with our automated image analysis pipeline. d, Image of
a selected bare DNA strand: raw data, after background subtraction, after skeletonization, and after tracing. e, Image of a selected nucleosome:
raw data, after background subtraction, and after skeletonization, together with a 3D surface plot of the nucleosome and the half ellipsoid fitted
to the height profile of the core particle resulting in the traced nucleosome.
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Figure 5.2: Structure parameters for H3 nucleosomes from AFM imaging. a, Wrapped DNA length distribution fitted using the sum of two
Gaussians (centered at 120 ± 14 bp and 168 ± 12 bp). b, DNA opening angle distribution. The dashed orange line indicates the expected position
of a fully wrapped nucleosome. c, Nucleosome core particle volume distribution. The solid line is a kernel density estimate. d, 2D kernel density
profile (bandwidth = 2.5°, 2.5 bp) of nucleosome opening angle and wrapped length. The expected position of fully wrapped nucleosomes based
on the crystal structure (left; rendered from PDB 1KX5) is shown as a yellow cross at an opening angle of 66.5° and a wrapped DNA length of 147
bp. The data set shown includes N = 1011 nucleosomes.
fined in the nucleosome core particle. For a representative data set of H3 nucleo-
somes in buffer with 200 mM NaCl, we obtain a wrapped length of 135 ± 27 bp
(mean ± std from 1011 molecules), in good agreement with previously reported
values.94 However, in contrast to previous reports91;94;106 we observed a bimodal
distribution – rather than a single peak – for the wrapping ofH3 nucleosomes (Fig.
5.2a). Fitting the wrapped length distribution to the sum of two Gaussians yields
populations centered at 120 ± 14 bp and at 168 ± 12 bp. The distributions of open-
ing angles (Fig. 5.2b) and of nucleosome core particle volumes (Fig. 5.2c) similarly
suggest at least two different populations. However, the opening angle distribu-
tion is relatively flat, indicating that a large range of opening angles is sampled. The
distribution of nucleosome heights shows only a single peak (Fig. 5.3a). To ob-
Figure 5.3: Nucleosome heights. a,
Raw nucleosome heights of the H3 nu-
cleosome data set shown in Figure 5.2
(N = 1011).
tain a full quantitative view of nucleosome conformations, we exploit the fact that
our analysis pipeline measures multiple parameters, namely short arm length, long
arm length, opening angle, particle volume andparticle height, for each nucleosome
to go beyond 1D distributions. Because of the solenoidal winding of nucleosomal
DNA, we expect wrapped length and opening angle to be correlated and we indeed
find that nucleosomes at wrapped lengths below 150 bp show a negative correla-
tion between opening angle and wrapped length (Fig. 5.2d), suggesting that these
nucleosomes populate states of partial unwrapping. The remaining nucleosomes
44 Chapter 5: High-throughput AFM analysis reveals unwrapping pathways of H3 and CENP-A nucleosomes
Figure 5.4: Assigning nucleosome wrapping states by comparison between simulation and experiment. a, Example synthetic nucleosome
images of the eight simulated states and AFM imaged and traced nucleosomes with the same opening angle. The grey arrows indicate the
starting direction of DNA simulation (Fig. 5.10). For state 2, no measured counterpart was observed. b, 2D kernel density profile (bandwidth
= 2.5°, 2.5 bp) of opening angle and wrapped DNA length for simulated nucleosome images (N = 1040, Fig. 5.10). The simulations consist of
eight states of nucleosome wrapping that differ by 5 bp of unwrapping. Orange crosses indicate the simulated positions based on the 5 bp
unwrapping periodicity. Yellow circles indicate the centroids of each state found after analyzing the simulated images with our automated analysis
pipeline. On average, the opening angle is shifted ~50° (MSE = 20°) to lower angles due to the effect of AFM tip convolution. c, 2D kernel density
profile (bandwidth = 2.5°, 2.5 bp) of opening angle and wrapped DNA length for AFM imaged nucleosomes (N = 1011). Regression lines fit to the
experimental data (green) in comparison to the expected correlations (yellow) based on the simulations from (b). The top left population consists
of fully wrapped nucleosomes in which the protruding DNA arms overlap in front of the nucleosome core particle whereas the lower population
consists of nucleosomes in different states of DNA unwrapping. d, Sketch of AFM tip convolution resulting in an underestimation of the opening
angle.
at apparent wrapped lengths between 160 bp and 190 bp (Fig. 5.2d) exceed the
expected wrapping of the canonical nucleosome by ~20 bp.
Toquantitativelyunderstand theobserved2Ddistributions,we simulatedAFM
images of nucleosomeswith different levels of unwrapping. Simulated datasetswere
generated for eight states of unwrapping between 0 bp (fully wrapped; state 1) and
35 bp (state 8), with 5 bp wrapped length differences (Fig. 5.4a, Fig. 5.10, and
Methods), in line with the periodicity of the DNA helix, with results from single
molecule DNA force spectroscopy experiments,168;169 and with cryo-EM observa-
tions of nucleosomewrapping states.68 After generating the ensemble of simulated
nucleosome conformations, we applied AFM tip convolution and added experi-
mental noise to create synthetic images that subsequently were analyzed using our
automated framework (Fig. 5.4b). The slope of wrapped length vs. opening angle
for measured nucleosomes at wrapped lengths below 150 bp (Fig. 5.4c, -0.22 bp/°)
agrees well with the slope predicted from simulated data (Fig. 5.4b, -0.23 bp/°), in-
Results 45
dicating that nucleosomes attach to the surface in a flat geometry with the DNA
gyres parallel to the surface. However, we find that the analysis of the synthetic im-
ages systematically underestimates the opening angle by ~50° (mean squared error
MSE = 20°) compared to the input configurations. This underestimation is the re-
sult of tip convolution in AFM imaging: due to the finite size of the AFM tip, the
dimension of molecules is overestimated obscuring the exact entry/exit position of
DNA in nucleosomes (Fig. 5.4d).
For the simulated partially unwrapped conformations (Fig. 5.4b, states 2–8;
5–35 unwrapped bp), the wrapped lengths determined from tracing of simulated
images agree well with the input configurations (MSE = 4.2 bp). In contrast, the
measured wrapped length for the simulated fully wrapped nucleosomes (state 1)
exceeds the actual wrapped length of 147 bp by ~18 bp. Importantly, the appar-
ent wrapped length of 165 bp is in striking agreement with the measured wrapped
length of the second peak of the H3 nucleosome data (168 ± 12 bp; Fig. 5.2a, d
and 5.4c). Thus, our simulations rationalize why the apparent wrapped lengths for
fully wrapped nucleosomes exceed the 147 bp expected from the crystal structure:
the DNA arms that leave the nucleosome entry/exit site overlap close to the nucle-
osome core particle due to their initial directionality and the bending stiffness of
DNA (Fig. 5.4a). AFM tip convolution obscures the crossing DNA strands and
the software routine interprets the DNA crossover as being part of the nucleosome
core, which in turn results in the apparent wrapped length values >160 bp. The re-
sults from simulated nucleosome structures strongly suggest that the population at
~165 bp wrapped length corresponds to fully wrapped nucleosomes (Fig. 5.4c, top
left population), with theDNAarms crossing close to the nucleosome core particle.
5.2.3 Opposing effects of salt concentration on nucleosome wrapping
While DNA is highly negatively charged, histone octamerscarry significant net pos-
itive charge. Thus, histone–DNA interactions are sensitively modulated by ionic
screening.64;92Additionally, crossing of theDNAarms exiting the nucleosome core
particle presents an energy barrier that shapes the wrapping landscape.93 To inves-
tigate how ionic screening and DNA crossing at the nucleosome dyad affect nucle-
osome wrapping, we measured H3 nucleosomes deposited from buffer solutions
of different ionic strengths ([NaCl] = 10 mM, 50 mM, and 200 mM, Fig. 5.5a).
Within this range of ionic strengths theDNAcontour length, DNAbend angle dis-
tribution andnucleosome adsorptiongeometry areunaffected (Fig. 5.11). Toquan-
tify the wrapping landscape ofH3 nucleosomes as a function of ionic strengths, we
first performed a principal component analysis (PCA) of nucleosome volumes and
wrapped DNA lengths (Fig. 5.5a, insets) to separate fully (white datapoints) and
partially (black data points) wrapped nucleosomes. We find that the population of
the fully wrapped state (31.2%, 24.4% and 13.8% at 200 mM, 50 mM, and 10 mM
NaCl, respectively; determined from the thresholds indicated in the insets of Fig.
5.5a) decreases with decreasing ionic strength, in line with increased like-charge re-
pulsion of DNA at the exit/entry region at lower salt concentrations and consistent
with observations for end-loops in supercoiled plasmids.170
Strikingly, we find that nucleosomes measured at an ionic strength of 50 mM
NaCl and 2mMMgCl2 populate the fully wrapped state with a probability of 58%
(Fig. 5.6), much more frequently than nucleosomes measured in the monovalent
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Figure 5.5: Effect of salt concentration on H3 nucleosome wrapping. a, 2D kernel density estimate profiles of wrapped length versus opening
angle. Black and white dots indicate individual nucleosomes. The PCA of wrapped length and volume yields the basis for separating the two
major populations as shown in the inset. The data sets include N = 1011 nucleosomes for 200 mM NaCl, N = 934 at 50 mM NaCl, and N = 325
at 10 mM NaCl. b, 2D Gaussian fits to the partially unwrapped nucleosomes. The Gaussian amplitudes yield the populations of the individual
states of unwrapping and the insets show the fit residuals. 2D Gaussian fits to the partially unwrapped nucleosomes at 50 mM NaCl and 10 mM
NaCl show the trend towards more compact wrapping for lower salt concentrations. All nucleosomes presented in this plot are from the same
nucleosome reconstitution and were imaged with the same cantilever. c, Heat map of the populations of the individual wrapping states for NaCl
concentrations of 200 mM, 50 mM and 10 mM.
salt conditions. The significantdecrease inunwrappinguponaddingMg2+ is in line
withpreviousworkon the effect of salt concentrationonnucleosomewrapping91;93
and with the preferential association of Mg2+ ions with nucleosomes observed by
ion counting.64
Figure 5.6: Nucleosomes deposited
from magnesium buffer. 2D kernel
density estimate profile of wrapped
length versus opening angle measured
at a salt concentration of 50 mM NaCl
and 2 mM MgCl2. The data set contains
N = 870 nucleosomes.
To quantify how changing the ionic strength affects the distribution of the par-
tially unwrapped states, we fitted seven 2DGaussians located at fixed distances cor-
responding to the 5 bp periodicity and corrected for tip convolution based on the
simulations. The amplitudes of theGaussians represent the occupancies of the indi-
vidual states of unwrapping and demonstrate a clear trend towards increased wrap-
ping at reduced ionic strength, in line with increasing opposite-charge attraction
that governshistone–DNAinteractions andwithpreviousworkusingFRET.171;172
To test the influence of electrostatic interactions with the surface on nucleosome
conformations,173 we performed control measurements varying the poly-L-lysine
concentration used for surface preparation tenfold and found no significant differ-
ences (Fig. 5.12).
5.2.4 Histone H3 nucleosomes unwrap anti-cooperatively
Building on the ability to precisely quantify nucleosome wrapping, we next investi-
gated the cooperativity in unwrapping behavior of H3 nucleosomes. The two sides
of DNA exiting the nucleosome are distinguishable in our assay since the W601
sequence is placed asymmetrically, giving rise to a longer and a shorter DNA arm
(Fig. 5.1a). The 2Ddistribution of short nucleosome arm length versus opening an-
gle reveals a population at opening angles <80° and a bimodal distribution of short
arm lengths for opening angles >80° (Fig. 5.7a). The population at opening an-
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Figure 5.7: Anti-cooperative unwrapping
of H3 nucleosomes. a, 2D kernel density
profile (bandwidth = 2.5°, 2.5 bp) of short
arm length and opening angle for H3 nu-
cleosomes at 200 mM NaCl. A bimodal
distribution for opening angles >80° is ap-
parent, consistent with anti-cooperative un-
wrapping of the nucleosome core particle (N
= 1011). b, 2D kernel density profile (band-
width = 2.5°, 2.5 bp) of short arm length and
opening angle for simulated nucleosomes (N
= 1950). Unwrapping was simulated to oc-
cur either exclusively at the short arm or ex-
clusively at the long arm, leading to a bi-
modal unwrapping behavior. c, 2D Gaussian
fits to the density distribution of partially un-
wrapped nucleosomes (Fig. 5.13) yield the
populations of individual states of unwrap-
ping. Unwrapping occurs significantly more
likely (two-sample t-test p = 0.015) via the
long arm (53.7 ± 1.6%) than via the short arm
(46.3 ± 1.6%;mean ± SEM from four indepen-
dent repeats) of the nucleosomes respec-
tively. Data sets (N = 1011, 1524, 1480 and
815) comprise nucleosomes reconstituted in
three independent nucleosome reconstitu-
tions and imaged on two different AFM se-
tups. Crosses indicate values from the indi-
vidual data sets.
gles <80° features short arm lengths of 75–95 bp, i.e.~20 bp shorter than expected
from the design of our DNA construct (106 bp), but consistent with the apparent
length reduction due to the overlap of DNA at the dyad for fully wrapped nucleo-
somes, and can thus be assigned to the fullywrapped state. For opening angles >80°,
i.e. the regime of partially unwrapped nucleosomes, the population splits into two
branches, indicating that unwrapping can follow two distinct pathways. In the first
pathway, the length of the short arm remains constant while the opening angle in-
creases, suggesting exclusive unwrapping of the long arm. In the second pathway,
the length of the short arm correlates positively with the opening angle (slope 0.20
bp/°) consistent with exclusive unwrapping of the short arm. The clearly separated
pathways imply that unwrapping is anti-cooperative, i.e. that dissociation at one
end suppresses unwrapping at the other. Consistently, the 2D distribution of long
arm length versus opening angle shows the same behavior (Fig. 5.13). Our observa-
tion of anti-cooperative unwrapping is in agreementwith previous reports based on
single-moleculemanipulation and FRET69 and on cryo-EM,68 which revealed that
unwrapping at one exit site stabilizes binding at the second exit site. Interestingly,
a recent study modeling DNA caliper data found better agreement with a model
where both arms can unwrap independently as compared to a model that includes
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anticooperativity,174 in contrast to the clear anti-cooperativity visible in our and
other previous data.68;69
To quantify the propensity to unwrap via the distinct pathways, we simulated
AFM images of nucleosomes featuring different levels of anti-cooperative unwrap-
ping (Fig. 5.7b). Again, we fitted a linear combination of 2D Gaussians to the ex-
perimental density distribution of the partially unwrapped H3 nucleosomes using
the expected positions based on the simulations to obtain population sizes along
the different unwrapping pathways (Fig. 5.7c and Fig. 5.13). We observed a small
but significant (two-sample t-test p = 0.015) preference for long arm opening over
short arm opening with probabilities of (53.7 ± 1.6)% and (46.3 ± 1.6)% respec-
tively (mean ± SEM from four biological repeats). This preference for long arm
opening reflects the non-palindromic nature of the W601 nucleosome positioning
sequence: the DNA flanking the nucleosome dyad is less flexible on the long arm
side compared to the short arm side (Fig. 5.14) leading to the energetically more fa-
vorable unwrapping from the stiffer side. Control measurements with an inverted
W601 sequence showed again preferential opening from the less flexible side, which
is now the short arm side (Fig. 5.14). Our findings are in line with previous force-
induced experimental69 and computational175 unwrapping studies. However, in
these studies nucleosomes almost exclusively unwrapped from the stiffer side, in
contrast to the 54% to 46% partitioning that we observe. The difference might be
caused by the experimental configurations: force-induced nucleosome unwrapping
with constrained DNA arms requires a nucleosome flip of 180° during unspooling
and thus induces strong deformations in the DNA.175 In contrast, thermal fluctu-
ations and electrostatic interactions of the free DNA arms that drive nucleosome
unwrapping in our study might be less influenced by DNA flexibility. Quantifying
the 5 bp unwrapping substates, we observe small, but significant differences in the
unwrapping profiles for the two sides: unwrapping from the short arm side tends
to occur by 20–25 bp, while the long arm side favors unwrapping by 30–35 bp (Fig.
5.7c). These differences are in line with the free energy profile ofW601 nucleosome
unwrapping from a previous force-induced unzipping study.66;174
5.2.5 CENP-A nucleosomes do not follow distinct unwrapping path-
ways
Previous Cryo-EM,163 H/DX mass spectrometry176 and AFM studies105 suggest
that centromeric CENP-A nucleosomes exhibit enhanced structural dynamics and
plasticity that deviates fromcanonicalH3nucleosomes. In contrast,magnetic tweez-
ers measurements indicate that force-induced unwrapping and intrinsic stability
of CENP-A and H3 nucleosomes are very similar.177 Previous studies have shown
thatCENP-Anucleosomes populatemore open conformations, i.e. conformations
with less DNAwrapped, approximately 120 bp compared to 147 bp for H3 nucle-
osomes.178;179 The increased unwrapping of CENP-A nucleosomes is more pro-
nounced for nucleosomes reconstituted on α-satellite DNA compared to nucleo-
somes reconstituted on the W601 sequence.180 To test CENP-A stability and un-
wrappingdynamics, we appliedourAFMimaging and analysis pipeline toCENP-A
nucleosomes.
The distribution of wrapped length and opening angle for CENP-A nucleo-
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Figure 5.8: Unwrapping and heights of
CENP-A nucleosomes. a, 2D kernel density
profile (bandwidth = 2.5°, 2.5 bp) of wrapped
length and opening angle for CENP-A nu-
cleosomes (N = 1178, 200 mM NaCl). b,
2D kernel density profile (bandwidth = 2.5°,
2.5 bp) of wrapped length and opening an-
gle for CENP-A nucleosomes after correcting
the opening angles for folding back at 180°,
based on the PCA of volume and wrapped
length (inset). c, 2D Gaussian fits to the par-
tially unwrapped CENP-A nucleosomes yield
the populations of individual states of un-
wrapping (Fig. 5.13). H3 populations are
mean values obtained from four datasets
(N = 1011, 1524, 1480 and 815) of nucleo-
somes from three biological repeats and im-
aged on two different AFM setups. CENP-A
populations are mean values obtained from
three datasets (N = 1178, 484 and 467) of
nucleosomes from two biological repeats
and imaged on two different AFM setups.
d, 2D kernel density profile (bandwidth =
2.5°, 2.5 bp) of short arm length and open-
ing angle for CENP-A nucleosomes indicat-
ing stochastic unwrapping of CENP-A nucleo-
somes in contrast to the anti-cooperative un-
wrapping of H3 nucleosomes. e, Violin plots
of CENP-A and H3 nucleosome heights for
the whole ensemble, for fully wrapped nu-
cleosomes and for nucleosomes that wrap
~120 bp DNA. White bars are centered at the
mean values of each distribution and thick-
ness represents SEM. The height difference
between CENP-A and H3 is highly significant
for all nucleosomes combined (two-sample
t-test p = 1.6 * 10−60) but not significant
when only comparing fully wrapped nucleo-
somes (p = 0.11) or nucleosomes that wrap
120 bp (p = 0.12). f, Correlation between
wrapped length and nucleosome height for
H3 (top) and CENP-A nucleosomes (bottom).
somes clearly differs from H3 nucleosomes under the same conditions (200 mM
NaCl; compare Fig. 5.8a with Fig. 5.2d). First, only a small fraction of CENP-A
nucleosomes populates the fully wrapped state with overlapping DNA arms (12.4
± 1.7% for CENP-A vs. 27.0 ± 3.3% for H3, Fig. 5.8 b and c). Second, CENP-A
nucleosomes exhibit a shift of the partially unwrapped population towards more
unwrapped states compared to H3 nucleosomes. Surprisingly, the clear negative
correlation of wrapped length and opening angle for H3 nucleosomes is not appar-
ent for CENP-A nucleosomes(Fig. 5.8a). We note that in our analysis, opening
angles >180° are ”folded back” and appear at smaller values (Fig. 5.8a, inset).Cor-
recting the opening angles of nucleosomes separated by the first local minimum of
a PCA of volume and wrapped length (Fig. 5.8b, inset) led to the expected negative
correlation of opening angle and wrapped length (Fig. 5.8b; −0.19 bp/°). Fitting
the populations of unwrapping states by 5 bp steps in the CENP-A nucleosome
data (Fig. 5.8c and Fig. 5.13), we find that the most frequented states of CENP-
A nucleosomes lie between 25 bp and 35 bp unwrapping (i.e. ~120 bp wrapped,
in agreement with previous findings181), in contrast to H3 nucleosomes where the
fully wrapped state is most populated. Further, in contrast to H3 nucleosomes,
CENP-A nucleosomes also significantly populate unwrapping states between 40
bp to 60 bp (35.4 ± 4.6% of the total population) unlike H3 nucleosomes and in
line with previous work on CENP-A nucleosomes.181
Third, in addition to the overall shift to less wrapped states, our CENP-A nu-
cleosome data reveal a striking difference toH3nucleosomes inwrapping pathways:
while the H3 nucleosome data feature a clearly bimodal distribution of short arm
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length vs. opening angle for angles >80° (Fig. 5.7a), indicative of anti-cooperative
unwrapping, the CENP-A data exhibit no such branching and feature a broad dis-
tribution of short arm lengths instead (Fig. 5.8d), suggesting that unwrapping of
the two arms is not anti-cooperative for CENP-A nucleosomes.
RecentCryo-EMwork68 has suggested thatDNAunwrapping onone side trig-
gers a conformational change of the adjacent H3 αN, which in turn leads to rear-
rangement of H3 αN on the opposite side, resulting in stabilization of the DNA
contact on the wrapped side. Together, these allosteric changes constitute a latch
mechanism that likely contributes to the anti-cooperative unwrapping of H3 nu-
cleosomes. In CENP-A nucleosomes the αN helix is shortened163 compared to
H3. The lack of anti-cooperative unwrapping revealed by our data suggest that the
reducedαNhelix in CENP-A nucleosomes is insufficient for the latch mechanism,
leading to stochastic unwrapping of DNA fromCENP-A nucleosomes from both
sides, in line with a recent molecular dynamics study.182 Interestingly, we observe
that the most unwrapped configurations (Fig. 5.8d, opening angles >200°, corre-
sponding to >40 bp unwrapped) consistently involve unwrapping of both DNA
arms, giving rise to intermediate short arm lengths. This is consistentwith the obser-
vation that unwrapping of >40 bp, i.e. opening angles >200°, from one side leads to
disruption of the overall nucleosome structure68 and, therefore, nucleosomes with
unwrapping of >40 bp exhibit concurrent unwrapping on both sides.
5.2.6 Differences inDNAwrapping reconcile conflicting results onCENP-
A nucleosomes
Previous AFM studies have revealed significant changes in nucleosome height de-
pending on the incorporation of canonical H3 versus CENP-A histones. In a land-
mark paper, Dalal and co-workers proposed that the reduced height of CENP-A
nucleosomes follows from the transition between tetrameric and octameric states
in different phases of the cell cycle.99;183;184 This interpretation was challenged in
a later study, which attributed these differences in height to physical differences be-
tween CENP-A and H3 nucleosomes.100 However, significant height differences
for CENP-A and H3 octameric nucleosomes could not be reproduced by other
groups, and the issue remains controversial.98;101–103;185
In ourmeasurementswe find that overall, i.e. averaging over all wrapping states,
H3 nucleosomes are significantly higher thanCENP-Anucleosomes (two sample t-
test p=1.6×10−60; Fig. 5.8e), withmeanheights of (2.04±0.01) nm forH3 (mean
± SEM fromN= 1011molecules) and (1.83 ± 0.01) nm for CENP-A nucleosomes
(N = 1645 molecules). Our results are in agreement with previous work, both in
terms of the significant height difference between H3 and CENP-A nucleosomes
and in termsof the absoluteheight valueswith the study that reported theheight dif-
ferences.100 However, we observe a significant correlation between wrapped length
and measured height (Fig. 5.8f; Pearson’s R = 0.45 and p = 7.1 × 10−52 for H3
nucleosomes and R = 0.40 and p = 2.4 × 10−65 for CENP-A nucleosomes). Since
CENP-A nucleosomes are on average less wrapped (Fig. 5.8c), the correlation be-
tween wrapping and height implies that differences in wrapping might account for
the reduced height of CENP-A nucleosomes. Comparing only fully wrapped H3
and CENP-A nucleosomes (classified based on the PCA results, see Fig. 5.5a and
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Fig. 5.8b), we indeed find mean heights of (2.28 ± 0.01) nm (N = 315 molecules)
and (2.24 ± 0.02) nm (N= 205molecules), respectively, corresponding to no signif-
icant difference in themean heights (two-sample t-test p = 0.11). Similarly, compar-
ing only conformations corresponding to ~25 bp unwrapping (119–124 bp), we
find mean heights of (1.89 ± 0.03) nm (N = 80 molecules) and (1.83 ± 0.02) nm
(N = 167 molecules), respectively, corresponding to no significant difference in the
mean heights (two-sample t-test p = 0.12; Fig. 5.8e).
In summary, we find that if we average over all wrapping states, CENP-Anucle-
osomes are lower than H3 nucleosomes, in agreement with an initial report of nu-
cleosome height difference in AFM.100 However, if we only consider fully wrapped
nucleosomes or only conformations where 120 bp are wrapped, we do not detect a
significant difference, similar to followupworkmotivated by the initial study.101;102
While other factors (like differences in mechanical compliance98 or stability of the
histone core186) might contribute, our data suggest that the apparent differences in
height between H3 and CENP-A nucleosomes can be accounted for by differences
in wrapping under our conditions. The apparently conflicting findings might be
explained by differences in imaging conditions, for example the different salt condi-
tions used (10 mMNaCl and 1 mM EDTA vs. 150 mMNaCl + 2 mMMgCl2 vs.
1 mM EDTA only),100–102 which can significantly alter unwrapping (Fig. 5.5).
5.3 Discussion
Quantitative assessment of nucleosome conformations is a key to understanding
regulation of DNA accessibility due to the role of nucleosomes in the formation
of higher-order chromatin structure,55;187;188 the recruitment of proteins and com-
plexes with specific enzymatic activities152 and the effect of nucleosomes on DNA
mechanisms such as repair189 and replication.190 In this work, we introduce an
automated framework that enables high-throughput analysis of AFM images of
nucleo-protein complexes and applied it to canonicalH3 and centromericCENP-A
nucleosomes. By exploiting correlations between different structural parameters of
~10 000 nucleosomes, we map molecular ensembles along different degrees of free-
dom, which in turn allows us to extract detailed nucleosome wrapping landscapes.
We use simulations of AFM images to understand how tip-convolution in AFM
imaging affects the observed structure parameters and to quantify the occupancy of
different states of wrapping from our experiments. While the fully wrapped state
is the most populated configuration, we observe partial unwrapping of ~70% of
the canonical H3 nucleosomes at close to physiological monovalent salt concentra-
tions ([NaCl] = 200 mM) and still ~40% partial unwrapping in the presence of 2
mMMgCl2 and 50 mMNaCl, in agreement with previous electron microscopy,
93
AFM,91 and solution SAXS191 studies of nucleosomes. In fully wrapped nucleo-
somes, the DNA arms overlap in close proximity to the DNA entry/exit region of
the nucleosome core particle. DNAcrossover at the exit regionpresents a significant
energy barrier that might regulate nucleosomal DNA readout either by binding of
histone H1 to form repressive chromatosomes or by granting access to RNA poly-
merases155 and other molecular machines that process the genetic code.
Our data demonstrate pronounced anti-cooperative unwrapping of H3 nucle-
osomes and preferential unwrapping from the stiffer side of the non-palindromic
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W601 sequence in agreementwithprevious single-molecule andcryo-EMstudies.66;68;69,
However, our data show only a slight preference for unwrapping from the stiffer
side in contrast to previous studies that have seen it almost exclusively. While our
methodology captures a molecular ensemble in thermal equilibrium, previous re-
sults were obtained via force-induced unwrapping or for constructs containing only
147 bp of DNA,68;191 which might account for the differences. Both experimental
approaches are of physiological relevance since nucleosomes can be invaded either
passively due to spontaneous fluctuations142 or actively by forces generated by poly-
merases and chromatin remodelers.139;141 We speculate that our approach samples
the clearly distinct nucleosomal unwrapping landscape for passive invasionofnucle-
osomes with linker DNA in contrast to previous force-induced unwrapping assays.
In contrast to their canonical H3 counterparts, we find centromeric CENP-A
nucleosomes to be substantially less wrapped, with the most populated state cor-
responding to ~120 bp wrapped DNA. This result is in agreement with previous
high-resolution structural studies by X-ray crystallography137 and cryo-EM163 that
assigned the shortened N-terminal α-helix of histone H3 to weakened interaction
with DNA at the exit points of the nucleosome. More than 30% of the population
of CENP-A nucleosomes unwraps >35 bp. Unwrapping >40 bp requires partial
opening of both arms, which is suppressed inH3 nucleosomes. Our data are in line
with results from force-induced unzipping of nucleosomal DNA: peak-forces asso-
ciated with the strong barrier between superhelical locations 3.5 and 6.5, i.e. up to
40 bp unwrapping, were significantly reduced in yeast centromeric versus H3 nu-
cleosomes.168However, DNA–histone interactions closer to the dyadwere equally
strong for yeast centromeric and H3 nucleosomes preventing unwrapping of more
than 40 bp from one side.
Our data show no anti-cooperativity in the unwrapping of CENP-A nucleo-
somes, in contrast to H3 nucleosomes. We propose that the stabilizing latch mech-
anism that contributes to anti-cooperativity68 in H3 nucleosome unwrapping is
missing in CENP-A nucleosomes due to the shortenedαNhelix. Since CENP-A is
a key epigeneticmark tomaintain structural integrity of the centromer,we speculate
that both stochastic unwrapping and overall decreasedDNAwrapping ofCENP-A
nucleosomes might facilitate binding of proteins to specific DNA sequences in the
centromer. For example, the centromer-DNA binding protein complex CBF3 is
essential for chromosome segregation and binds selectively to the highly conserved
CDEIIIDNA sequence found in centromers.192 Similarly, CENP-B facilitates cen-
tromere formation in humans by recognizing and binding a 17 bp DNA sequence
– the CENP-B box – in the centromeric α-satellite DNA.193
5.4 Conclusion
In summary, we have developed a high-throughput automated analysis platform
and used it to uncover thermally activated pathways of H3 and CENP-A nucleo-
some wrapping in unprecedented detail, going beyond a single dominant popula-
tion by providing a full view of the conformational space. Our methodology will
facilitate future high-throughput AFM studies that involve structure and interac-
tions of nucleoprotein complexes by either using fast imaging of large molecular
ensembles or by time-lapsed imaging of molecular dynamics at the single molecule
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level.83
Finally, our work demonstrates strong correlations of nucleosomal wrapped
length with the entry-exit angle and particle height. This implies that by measuring
”local” parameters one can accurately deduce nucleosome wrapping in the context
of nucleosome arrays, which opens up exciting opportunities to quantify reconsti-
tuted or purified higher order chromatin assemblies.
5.5 Methods
DNApurification and nucleosome reconstitution
DNAwas PCRamplified from aGeneArtHigh-Q StringDNA fragment (Thermo
Fisher Scientific, Waltham, Massachusetts) containing the Widom 601 positioning
sequence. TheDNAwas purified using a QIAquick PCR purification kit (Qiagen,
Hilden, Germany) and subsequently eluted to a volume of 30µLwith ddH2O.Hi-
stone proteins were purchased from EpiCypher (Durham,North Carolina). While
the H3 histones were available as part of recombinant human histone octamers,
CENP-Ahistones were purchased as CENP-A/H4 tetramers and added to the dial-
ysis chamber together with an equimolar ratio of H2A/H2B tetramers. Nucleo-
some reconstitution was performed via salt gradient dialysis.149 The dialysis cham-
ber contained 0.65 µg of the histone octamers and 3 μg of the 486 bp DNA at 2M
NaCl and was placed in one liter of high-salt buffer at 2 MNaCl. Over a course of
15 hours, three liters of low-salt buffer at 50mMNaClwere transferred to the high-
salt buffer at 4 °C. Finally, the dialysis chambers were moved to one liter of low-salt
buffer for three hours. The resulting nucleosomes are well positioned on the DNA
construct by theWidom 601 positioning sequence (Fig. 5.15).
AFM sample preparation and imaging
The sample containing bare DNA and reconstituted nucleosomes – usually 30% to
50% of the DNA strands do not bind to histones – was incubated at the desired salt
concentration (10 mMNaCl/50 mMNaCl/200 mMNaCl and 10 mMTris-HCl,
pH 7.6, for all measurements) for 1 min on ice. The sample (V= 25 µL) was then
deposited on a freshly cleaved poly-L-lysine (0.01% w/v) coated muscovite mica for
30 seconds and subsequently rinsed with 20mL ofmilliQwater before drying with
a gentle stream of filtered N2 gas.
We used two different commercial AFM instruments for imaging. All AFM
images were acquired in tappingmode at room temperature. One set of images was
acquired on a Multimode VIII AFM (Bruker, Billerica, Massachusetts) using sili-
con tips (AC160TS, drive frequency of 300–350 kHz, tip radius 7 nm, Olympus,
Tokyo, Japan). Images were scanned over a field of view of 3 µm × 3 µm at 2048
× 2048 pixels with a line scanning speed of 1 Hz. Independent measurement re-
peats were performed on a Nanowizard Ultraspeed 2 (JPK, Berlin, Germany) with
reflex gold coated tips (USC-F5-k30, drive frequency 5000 kHz, tip radius <10 nm,
Nanoworld, Neuchâtel, Switzerland). Here, images were scanned over a field of
view of 6 µm × 6 µm at 4096 × 4096 pixels with a line scanning speed of 3 Hz or
over a field of view of 12 µm × 12 µm at 8192 × 8192 pixels at 3 Hz line scanning
speed (Fig. 5.1b). For H3 nucleosomes, four data sets were acquired at 200 mM
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NaCl and 10 mMTris over three separate nucleosome reconstitutions. For CENP-
Anucleosomes, three data setswere acquired at 200mMNaCl and 10mMTris over
two separate nucleosome reconstitutions.
AFM image analysis
We developed an automated image analysis pipeline to analyze the flattened AFM
images, which defines zero height as the average level of the mica surface. For the
AFM data analyzed in this work, a background height threshold of 0.16 nm and
0.25 nm was applied for images taken by the Bruker and the JPK instrument re-
spectively. The background height threshold affects the detection rate of DNA and
nucleosomes, but does not alter the measured structure parameters such as nucle-
osome volume or height as the threshold is only used for detection and not in the
further analysis of the molecular images.
Bare DNA strands were traced with 5 nm segments109 from both sides sep-
arately and the mean value was used as contour length. Over 95% of the viable
molecules in the images were detected automatically. Here, viable molecules are
defined as molecules that do not have overlaps with other molecules and can be an-
alyzed by manual tracing. To achieve an even higher detection rate, manual input
allowed the separation of unclassified objects (for example for two DNA arms that
slightly overlap and thus prevent automated detection). This way, 98% of all viable
nucleosomes of the example image were detected (Fig. 5.9). Even withmanual help
for detecting and classifying individualmolecules, allmeasured andpresented struc-
ture parameters were obtained by the structure analysis routine of the toolbox. The
four H3 data sets at 200 mM NaCl consist of 1011, 1524, 1480 and 815 analyzed
nucleosomes. The three CENP-A datasets consist of 1178, 484 and 467 analyzed
nucleosomes.
AFM image simulations
Fullywrapped nucleosome imageswere simulated by creating a diskwith a diameter
of 11 nm and uniform height and simulating 2D worm-like chains with lengths of
233bpand106bp that protrude thedisk at anopening angle of 66.5°. Thedirection
of the DNA chains was deduced from the crystal structure of the canonical nucle-
osome (PDB 1KX5, Fig. 5.2, Fig. 5.10). Consecutively, the DNAwas dilated to its
expectedwidthof 2nmand randomnoise in combinationwith aGaussianfilter (σ=
2 nm) was applied to mimic the effect of tip convolution. Partially unwrapped nu-
cleosomes were simulated by adding base pairs to one end of the simulated chains in
5 bp steps, increasing the opening angle by 4.45° per base pair of unwrapping (based
on 147 bp wrapped over a total of 654° in the crystal structure) and adjusting the
direction of the protruding DNA arms. Similarly, synthetic images of bare DNA
were simulated with a 2D worm-like chain of 486 bp and the same steps of dila-
tion and tip convolution. The synthetic bare DNA images were analyzed for their
average DNA contour length that is needed to calculate the wrapped length in nu-
cleosomes in our automated readout pipeline. The simulated images were analyzed
with the same automated readout software as the experimental images.
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Figure 5.9: Detection efficiency, manual molecule classification, and DNA length. a, AFM topographic image of bare DNA and
nucleosomes to assess the detection rate of the automated tracing. The total field of view is 3 µm x 3 µm and was recorded with
1.46 nm/pixel. b, Analysis of the topographic image from panel a. 112 bare DNA strands (orange) and 131 nucleosomes (yellow)
were detected and analyzed automatically withmanual detection help as described in c. To quantify the detection rate and to assess
imaged molecules that were not classified as either DNA or nucleosome in the first fully automated step, the image was inspected
visually. The fully automated classification and tracing routine detected 95% of all manually analyzable DNA and nucleosomes in
the field of view that did not show overlaps with other molecules. c, Example howmanual intervention can improve classification of
molecules not assigned to bare DNA or nucleosome molecules in the first automatic classification step. In the case depicted here,
toomany branchpoints (four instead of two) are detected and thus the nucleosomewas not automatically classified. Aftermanually
removing the overlapping pixels of the DNA arms, the nucleosome is properly classified and the automated analysis framework
traces the structure parameters. Overall, such manual classification help for unclassified molecules enabled tracing of up to 98%
of manually analyzable molecules. d, Example of a false negative, i.e. a molecule that by visual inspection appears to constitute a
valid nucleosome or DNA, but is not traced properly. The tracing fails due to the strong bending of the long arm. Overall, 2% of
molecules that we identified as valid by visual inspection fall into this category. e, Example of a false positive, i.e. a molecule that
is classified as a valid nucleosome or DNA by our algorithm, but excluded by visual inspection. In the image shown in a, a total of
9 false positive molecules were traced by the automated toolbox. For this work, false positives were removed for further analysis.
The example molecule contains two branchpoints and two endpoints and is thus classified as a nucleosome. f, Histogram of bare
DNA lengths of all data sets measured in 200 mM NaCl presented in this work. We find a contour length of lc = 152.9 ± 6.3 nm
(mean ± std from 5651 molecules).
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Figure 5.10: DNA and nucleosome simulations to quantify the effect of AFM tip convolution. a, 486 bp DNA were simulated
using the worm-like chain polymer model with a persistence length of 40 nm and a rise per base pair of 0.33 nm/bp. The simulated
DNA backbone was dilated to a width of 2 nm and convolved with a Gaussian filter after applying random noise to mimic the effect
of AFM tip convolution. The simulated DNA strands were then traced with our automated analysis pipeline using the same settings
as used for experimental data. See Methods for details. b, Simulation of nucleosomes consisted of generating two DNA arms
(106 bp and 233 bp for the fully wrapped nucleosome) based on the worm-like chain model that protrude from the nucleosomal
disc. The orientation of the protruding DNA arms was deduced from the crystal structure (panel c), for details see the section
”AFM image simulations” in Methods. The nucleosome depicted here is unwrapped by 35 bp from the long arm side. c, The crystal
structure of the nucleosome core particle yields the orientation of the DNA arms and the nucleosomal opening angle of 66.5° for
fully wrapped nucleosomes. Rendered from PDB 1KX5. For partially unwrapped nucleosomes the DNA orientation and opening
angle are adjusted accordingly (Methods).
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Figure 5.11: Effect of salt concentration on DNA contour and persistence length. a, Bare DNA lengths of the data presented in
Figure 5.5 for different salt concentrations. The Gaussian fits yield contour lengths of 148.7 ± 4.1 nm, 153.4 ± 4.6 nm and 152 ± 3.7
nm for NaCl concentrations of 200 mM, 50 mM and 10 mM respectively (N = 888, 797, and 294). b, The DNA length is determined
by tracing its contour with segments of 5 nm length. The distribution of angles α between consecutive 5 nm segments can be used
to determine the persistence length by fitting ADD FORMULA with z = lsegment / lpersistence. The fits yield persistence lengths of
49.5 nm, 53.0 nm and 50.3 nm for NaCl concentrations of 200 mM, 50 mM and 10 mM respectively (N = 24077, 22338, and 9995).
c, The slopes of wrapped length vs. opening angle for partially unwrapped nucleosomes are -0.22 bp/°, -0.20 bp/° and -0.20 bp/°
for NaCl concentrations of 200 mM, 50 mM and 10 mM respectively. The slopes agree well with the slope predicted from simulated
data (Figure 5.4, -0.23 bp/°) indicating that nucleosomes attach to the surface in a flat geometry with the DNA gyres parallel to the
surface for a broad range of ionic conditions.
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Figure 5.12: Surface functionalization control. a, 2D kernel density profile of nucleosome opening angle and wrapped length at
200 mM NaCl and 10 mM Tris (N = 558). The surface was functionalized using 0.001% w/v poly-L-lysine in contrast to the 0.01% w/v
poly-L-lysine concentration used for the data presented in this work. b, 2D Gaussian fits to the partially unwrapped nucleosomes.
Numbers indicate the unwrapping in base pairs and the population sizes. The wrapping states for H3 nucleosomes measured at
200 mM NaCl agree for both poly-L-lysine concentrations (see H3 nucleosome population sizes measured at 0.01% poly-L-lysine in
Figure 5.7c).
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Figure 5.13: Determination of the occupancies of different wrapping states. a, 2D kernel density profile (bandwidth = 2.5°, 2.5
bp) of long arm length and opening angle for the H3 nucleosome data set at 200 mM NaCl presented in Figure 5.7. The data for
long arm length vs. angle are overall noisier than the data for the short arm length (Figure 5.7a) as expected from the broadening
of the contour length distribution for a longer length. b, Fit of 14 2D Gaussians to the density distribution of short arm length and
opening angle for the partially unwrapped H3 nucleosomes (Figure 5.7a) measured at 200 mMNaCl (N = 696). The inset represents
the difference between the measured and the fitted 2D density profile, i.e. the residuals of the fit. The occupancies determined
from the fits are shown in Figure 5.7c. c, Fit of 12 2D Gaussians to the density distribution of wrapped length and opening angle for
the partially unwrapped CENP-A nucleosomes (Figure 5b) measured at 200mMNaCl (N = 1019). The inset represents the difference
between the measured and the fitted 2D density profile, i.e. the residuals of the fit. The occupancies determined from the fits are
shown in Figure 5.8c.
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Figure 5.14: Non-palindromic nature of the W601 positioning sequence. a, The 486 bp DNA construct contains the W601 nu-
cleosome positioning sequence (147 bp) flanked by a short arm (106 bp) and a long arm (233 bp). Four TA repeats with a 10 bp
periodicity on the short arm half of the W601 sequence induce the higher flexibility of the half of the W601 sequence on the short
arm side17. b, As a control measurement the W601 sequence was flipped such that the more flexible half of the W601 sequence
lies on the opposite side – the long arm side – compared to the data presented in Figure 5.7. Analysis of the unwrapping pathways
of the partially unwrapped nucleosomes (69% of all nucleosomes) yields a preference for short arm opening over long arm opening
with probabilities of (58.6 ± 3.7) % and (41.4 ± 3.7) % respectively (mean ± SEM from two data sets, N = 598 and 559).
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Figure 5.15: W601nucleosomepositioning. a, Positioning of the fully wrapped nucleosomes along theDNA for theH3nucleosome
dataset presented in Figure 5.7. Yellow dashed line is a Gaussian fit (centered at 0.29 ± 0.02). The nucleosome position is calculated
by dividing the short arm length by the sum of short arm and long arm length. From the DNA construct, the arms of a fully wrapped
nucleosome are expected to be 106 bp and 233 bp (Figure 5.1). However, since for fully wrapped nucleosomes the exiting DNA
arms overlap, the length of the arms is underestimated by 10 bp each as described in Figs. 5.2 and 5.4. Thus, the expected
nucleosome position of fully wrapped nucleosomes is (106 bp – 10bp) / (106 bp – 10 bp + 233 bp – 10 bp) = 0.30. b, Positioning of
the partially unwrapped nucleosomes along the DNA for the dataset presented in Figure 5.7a. The anti-cooperative unwrapping
of H3 nucleosomes leads to different expected positions for nucleosomes that partially unwrap via the short arm or via the long
arm. The distribution of partially unwrapped nucleosomes peaks at 120 bp of wrapping (Figure 5.2a) implying that one of the two
arms has to unwrap 27 bp compared to canonical nucleosomes with 147 bp wrapped. Thus, the expected position for nucleosomes
unwrapping via the long arm or via the short arm is (106 bp) / (106 bp + 233 bp + 27 bp) = 0.29 and (106 bp + 27 bp) / (106 bp + 27
bp + 233 bp) = 0.36 respectively. The fitted Gaussians center at 0.28 ± 0.02 and 0.36 ± 0.02 for the distributions unwrapping via the
long arm and via the short arm respectively.
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Quantifying epigenetic modulation of
nucleosome breathing by high-throughput AFM
imaging
Nucleosomes are the basic units of chromatin and critical to the storage and expres-
sion of eukaryotic genomes. Chromatin accessibility and gene readout are heav-
ily regulated by epigenetic marks of which post-translational modifications of hi-
stones play a key role. However, the mode of action and the structural implica-
tions on the single-molecule level of nucleosomes is often still poorly understood.
Here, we apply a high-throughputAFM imaging and analysis pipeline to investigate
the conformational landscape of the nucleosome variants H3K36me3, H3S10phos
and H4K5/8/12/16ac. Our data set of >25,000 nucleosomes reveals nucleosomal
unwrapping steps corresponding to 5 bp DNA. We find that H3K36me3 nucleo-
somes unwrap significantly more than wild type nucleosomes and additionally un-
wrap stochastically from both sides similar to CENP-A nucleosomes and in con-
trast to the highly anti-cooperative unwrapping of wild type nucleosomes. Nu-
cleosomes with H3S10phos or H4K5/8/12/16ac modifications show unwrapping
populations similar to wild type nucleosomes and also retain the same level of anti-
cooperativity. Our findings help putting the mode of action of these modifications
into context: WhileH3K36me3 likelypartially acts bydirectly affectingnucleosome
structure on the single-molecule level,H3S10phos andH4K5/8/12/16acmust pre-
dominantly act through higher-order processes. Our analysis pipeline is readily ap-
plicable to other nucleosome variants andwill facilitate future high-resolution stud-
ies of the conformational landscape of nucleo-protein complexes.1
1This chapterwas reproduced fromKonrad et al., 2021, publishedonbioRxiv andunder review at
Biophysical Journal. Author contributions: All authors designed research. S.F.K. performed research,
analyzed data, and wrote the manuscript with input from all authors.
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6.1 Background
Nucleosomes are the fundamental units of compaction of eukaryotic DNA into
chromatin and function as regulators of gene readout and activity15;55;117. Canon-
ical nucleosome core particles consist of two copies each of the four histones H2A,
H2B, H3 and H4 assembled into a histone octamer that is wrapped by ~147 bp of
DNA60;138. Electrostatic interactions and specific molecular contacts stably pack
the DNA onto the histone octamer, yet DNA breathing, sliding, gaping, and loos-
ening allow for nucleosomal dynamics onmillisecond to minute time scales16;82;85.
Post-translational modifications (PTMs) of histones play a key role in the for-
mationof higher order chromatin structure55;187;188;194–196, the recruitment of pro-
teins and complexes with specific enzymatic activities152, and the maintenance of
DNA repair189 and replication190. Numerous histone variants and PTMs alter
histone-histone andhistone-DNAinteractions118;197;198 to yieldnucleosomal struc-
tureswith varyingdegrees of stability andDNAwrapping. Specifically, PTMsat the
N-terminal tails of histones H3 and H4 located next to the DNA entry-exit sites
can affect DNA opening dynamics by introducing additional charge, by neutral-
izing existing charge, or by adding steric constraints15;124. Among the astonishing
number of PTMs199;200, themost frequent PTMs at the histone-DNA interface are
methylations, acetylations and phosphorylations15;152. Acetylation neutralizes the
positive charge of lysine and phosphorylation introduces negative charge. Methyla-
tion does not alter the charge of the histone protein but, similar to acetylation and
phosphorylation, adds steric bulk to the system.
While many studies have investigated post-translational modifications (PTMs)
with respect to their effects on nucleosomal structural dynamics153;201 and on the
interaction with nucleosome- or DNA-binding proteins202–204, a detailed investi-
gation of the effect of distinct PTMs on nucleosome wrapping is currently lacking.
It is critical to understand the direct effects of PTMsonnucleosome conformations,
as they can influence the accessibility of nucleosomalDNA for readout and process-
ing and canmodulate the conformational landscape that underlies interactionswith
additional binding partners.
Here, we use a high-throughput pipeline based on atomic force microscopy
(AFM) imaging to investigate the conformational landscape of nucleosome variants
with several key post-translational N-terminal tail modifications on histones H3
and H4: H3K36me3, H3S10phos and H4K5/8/12/16ac (Fig. 1a). These specific
modifications are selected for several reasons: First, our goal is to investigate a range
of different nucleosomemodifications and, therefore, cover trimethylation, acetyla-
tion and phosphorylation. Second, we aim for modifications at different positions
in the histones. While H3K36me3 and H4K5/8/12/16ac lie close to the DNA en-
try/exit regionof histonesH3andH4 respectively,H3S10phos is locatedmore distal
towards the start of theN-terminal tail of histoneH3. Third, forH3K36me3205;206
andH4K5/8/12/16ac207, previousmeasurements of thenucleosome structure found
no direct effect of themodifications. Yet, due to the close proximity of bothmodifi-
cations to the DNA entry/exit site, we hypothesized that these PTMs could have an
effect on the nucleosome wrapping landscape and aimed to detect it with our sen-
sitive assay. Likewise, H3S10phos is an interesting modification as it is involved in
both transcriptional activation and chromatin compaction208, two structurally op-
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posed processes, therefore raising the question whether H3S10phos has structural
implications on the nucleosome itself or merely acts as a protein binding platform.
AFMimaging is a powerful tool toprobeDNAandnucleosome structure83;94;112;140;155;209;210
and we have recently developed a multi-parameter image analysis pipeline to quan-
tify the wrapping of nucleosomes with nanometer resolution, label-free, and at the
single-molecule level112. Here, we have improved the resolution of our assay by
adding a deconvolution step to allow for more accurate parameter tracing, enabling
the direct observation of the nucleosomal unwrapping periodicity of 5bp from nu-
cleosomal opening angles. We find nucleosomes with the H3K36me3 modifica-
tion to occur significantly less likely in the fully wrapped state compared to canon-
ical nucleosomes and to exhibit stochastic instead of anti-cooperative unwrapping.
In contrast, H4K5/8/12/16ac and H3S10phos do not show significant changes in
both unwrapping and anti-cooperativity compared to canonical nucleosomes. We
discuss these results in the context of biological function and epigenetic regulation
of genome organization.
6.2 Results
6.2.1 Quantifying nucleosome conformations via automated AFM im-
age analysis with deconvolution
We assembled nucleosomes by salt gradient dialysis under sub-stoichiometric con-
ditions, such that the final sample contains bare DNA and predominantly mono-
nucleosomes. We use a 486 bp DNA construct that features a W601 nucleosome
positioning sequence70 (147 bp) flanked by a short DNA arm (106 bp) and a long
arm (233 bp) (Fig. 1b andMethods). Wedeposited samples from aqueous buffer on
poly-L-lysine coatedmicaprior to rinsing anddryingof the sample. High-resolution
images of the deposited nucleosome samples were obtained by amplitude modula-
tion AFM in air (Fig. 6.1).
Toquantify nucleosome conformations from theAFMimages, webuild onour
previously published AFM image analysis pipeline to trace bare DNA and nucleo-
somes in the AFM images by multi-parameter analysis112 and extend it by adding
an additional deconvolution step that allows formore accurate tracing. The tracing
consists of two steps: First, bare DNA and nucleosomes are detected and classified
by subtracting the background and consecutively utilizing the topology of the one
pixel wide backbone – the skeleton – of the molecules (Supplementary Fig. 6.5).
Second, structural parameters of the classified molecules are extracted by automat-
ically tracing the molecules with the custom analysis software. The extracted pa-
rameters comprise contour length and bend angles for bare DNA and core particle
height and volume, arm lengths, and opening angle for nucleosomes (Fig. 6.1e-h).
The vectors connecting the ends of the arm entry/exit region of the core particle and
the center of the core particle define the nucleosome opening angle. In particular,
the combined information of free DNA contour length and opening angle enables
to identify the unwrapping state of each nucleosome, i.e. to classify how the DNA
wraps around the histone core.
To further increase the accuracy of our assay compared to previous applications
of AFM imaging to nucleosome conformations, we implemented an image decon-
volution step. In general, the dimensions of molecules are overestimated in AFM
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Figure 6.1: DNA and nucleosome structure parameters from automated AFM image analysis. a, Crystal structure of a canonical
nucleosome (PDB 1KX5). Colored spheres represent the positions of the modified amino acids in the histone tail considered in
this work. Among the three histone tail modifications investigated are H3K36me3 (three additional methyl groups at lysine 36 of
histoneH3 – blue spheres), H3S10phos (phosphorylation of H3 histones at serine 10 – red spheres) andH4K5/8/12/16ac (acetylation
of H4 histones at lysines 5, 8, 12 and 16 – orange spheres). b, Schematic of the construct used throughout this work. The 486 bp
DNA consists of a 147 bp W601 nucleosome positioning sequence that is flanked by a short and a long arm of 106 bp and 233 bp,
respectively. Histone octamers contain two copies each of H2A, H2B, H3 and H4. c, AFM image of bare DNA and nucleosomes with
a field of view of 12 µm x 12 µm at a resolution of 1.46 nm/pixel (8192² pixels). d, Traces of 901 bare DNA strands (orange) and 1624
nucleosomes (yellow) obtained by the automated image analysis pipeline from the image shown in c. e, Zoom of a nucleosome
image before and after tracing. The zoomarea is indicated in panels c and d. f, Same nucleosome image as panel e after Richardson-
Lucy deconvolution. The inset displays the shape of the AFM tip deduced from the bare DNA molecules in the same AFM image
and used for deconvolution. g, Opening angle distribution for the same data set analyzed without and with deconvolution. The
deconvolved data shows the 20° (5 bp) unwrapping periodicity of nucleosomes (N=716, only partially unwrapped nucleosomes
shown). h, Bare DNA before and after tracing.
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Figure 6.2: Estimating nucleosome wrapping populations. a, Wrapped length versus opening angle distribution for canonical nucleosomes.
White and black circles represent individual nucleosomes (N = 1035), the colored contours are the 2D kernel density estimate. The inset shows
a principal component analysis (PCA) of wrapped length and volume that is used to separate the two nucleosome populations (fully vs. partially
wrapped). b, 2D Gaussians fit to the density distribution of the partially unwrapped nucleosomes. The Gaussian amplitudes represent the popu-
lations of the 5 bp unwrapping substates; the inset shows the residuals of the fit.
imaging due to the finite size of the AFM tip47;112. In particular, we find that tip
convolution obscures the exact entry/exit position of DNA in the nucleosome im-
ages. We estimate the shape of the AFM cantilever tip (Fig. 6.1f inset, Supplemen-
tary Fig. 6.6 andMethods) from the bare DNA in our images and typically find tip
shapes with an end radius of 5-6 nm (Fig. 6.1f inset) in line with the size as spec-
ified by the manufacturer (see Methods). We use this tip shape estimate for sub-
sequent image deconvolution based on the Richardson-Lucy algorithm211;212 (see
Methods). Applying the tip deconvolution leads to sharper images, in particular
evident from the DNA paths (Fig. 6.1f, h).
Comparing the opening angles measured with and without image deconvolu-
tion, demonstrates the considerable impact of this approach (Fig. 6.1g). While the
angle distribution of nucleosomes traced without deconvolution gives a broad and
relatively featureless distribution of opening angles, the distribution of opening an-
gles traced after applying the deconvolution clearly indicates a periodicity in the
opening angle distribution of ~20°, i.e. 5 bp of unwrapping (Fig. 6.1g, inset – a
fully wrapped nucleosome wraps 147 bp in ~1.7 turns). This 5 bp unwrapping pe-
riodicity ultimately stems from the periodicity of the DNA helix and is in line with
results from single-molecule DNA force spectroscopy experiments168;169 and with
cryo-EM observations of nucleosome wrapping states68.
6.2.2 Quantifyingnucleosomewrappingpopulations bymulti-parameter
analysis.
To quantify the length of DNA wrapped in the nucleosomes from AFM data, we
evaluated the average contour length of the bare DNA molecules in each image
(Supplementary Fig. 6.7) and similarly measured the nucleosome arm lengths. By
subtracting the combined arm lengths of individual nucleosomes from the mean
contour length of bare DNA molecules, we obtain the wrapped length, i.e. the
length of DNA confined in the nucleosome core particle. Simultaneously, we ob-
tain the opening angle between the DNA segments entering the nucleosome parti-
cle for each nucleosome. The 2D distribution of nucleosome opening angles and
nucleosome wrapping provides a quantitative view of the nucleosome wrapping
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landscape112 (Fig. 6.2). For a representative data set of canonical nucleosomes,
the 2D kernel density distribution reveals two major populations (Fig. 6.2a): One
that features wrapped lengths >150 bp and opening angles <100° and one that fea-
tures wrapped lengths <150 bp and opening angles >70°. We have previously iden-
tified112 the population of nucleosomes with wrapped lengths <150 bp as partially
unwrapped. This population features a negative correlation between opening an-
gle and wrapped length, since the opening angle increases by further unwrapping
of the DNA arms. Similarly, we have previously assigned the remaining population
with wrapping of >150 bp of DNA to fully wrapped nucleosomes. Previous simu-
lations of nucleosomes in AFM imaging112 rationalize why the apparent wrapped
lengths for fully wrapped nucleosomes exceed the 147 bp expected from the crys-
tal structure: the DNA arms that leave the nucleosome entry/exit site overlap close
to the nucleosome core particle. In the images, the crossing DNA strands lead to
an underestimation of the length of the DNA arms, resulting in longer apparent
wrapped lengths for fully wrapped nucleosomes. Utilizing the local minimum seen
in the principal component analysis (PCA) of nucleosome core volumes and open-
ing angles (Fig. 6.2a, inset), we separated fully wrapped and partially unwrapped
nucleosomes (white and black dots respectively) and find that in this particular data
set of unmodified nucleosomes, 31% of the nucleosomes are fully wrapped and 69%
of the nucleosomes are partially unwrapped.
To quantitatively investigate nucleosome unwrapping, we fitted the distribu-
tion of partially unwrapped nucleosomes with seven 2D Gaussians –one Gaussian
per 5 bp unwrapping step up to an unwrapping of 35 bp– located at fixed distances
and corresponding to the 5 bp unwrapping periodicity (Fig. 6.2b). The amplitudes
of the Gaussians represent the occupancies of the individual states of unwrapping
and show that for unmodified nucleosomes most of the partially unwrapped nu-
cleosomes unwrap 25 to 35 bp of DNA. To quantify how reproducibly our anal-
ysis pipeline can determine the wrapping populations, we performed independent
repeat measurements –all from independent nucleosome reconstitutions and two
protein batches– and applied the same analysis pipeline to the separate data sets to
obtain mean wrapping distributions and errors. Each repeat comprises >1000 in-
dividual nucleosomemolecules. Our method is highly reproducible and yields very
precise estimates of the individualwrapping populations: the average absolute SEM
for the populations is ~1 %. Therefore, our analysis pipeline provides a highly ac-
curate and quantitative assay to investigate the effect of epigenetic modifications on
nucleosome structure.
6.2.3 Post-translational modifications alter wrapping of H3K36me3
nucleosomes.
To study how post-translational histone tail modifications affect nucleosomewrap-
ping on the single-molecule level, we applied our analysis pipeline to two nucleo-
some constructs that have PTMs close to the DNA entry/exit region, H3K36me3
andH4K5/8/12/16ac, and one nucleosome construct that has a PTM further out-
side of the nucleosome core particle at the end of the histone H3 tails: H3S10phos
(Fig. 6.3). As for the unmodified nucleosomes, we performed 4-5 independent re-
peatmeasurements from independent nucleosome reconstitutions and two protein
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Figure 6.3: DNA wrapping populations
of post-translationally modified nucleo-
somes. a, Populations of DNA wrapping
conformations for unmodified nucleosomes
and the three modified nucleosome con-
structs containing either three methylations
at histone H3 lysine 36, a phosphoryla-
tion at histone H3 serine 10 or acetyla-
tions at histone H4 lysines 5, 8, 12 and
16. The populations were determined from
high-throughput analysis of AFM images as
shown in Fig. 6.2; the filled black circles in
panel a are from the data set in Fig. 6.2.
For each histone variant four to five indepen-
dent measurement repeats were obtained;
circles indicate the populations of the indi-
vidual data sets; bars and error bars are the
mean and SEM from the independent re-
peats. b, Crystal structure of the canonical
nucleosome (PDB 1KX5). Colored spheres
represent the positions of the modified hi-
stone tail amino acids. c, Differences be-
tween thewrapping populations of themod-
ified nucleosomes and the unmodified nu-
cleosomes. Significant differences –as de-
termined from two-sample t-tests– are indi-
cated by stars.
batches all measured on different days for each nucleosome variant.
For H3K36me3 nucleosomes, i.e. nucleosomes with three methyl moieties on
the epsilon amino group of lysine residue 36 of the histone H3 tails, we find that
only a small fraction populates the fully wrapped state (16.5 % ± 1.1 %; mean +
SEM from five biological repeats compared to 31.2 % ± 1.3 % for canonical nucle-
osomes, Fig. 6.3a) and the vast majority of nucleosomes populates states of partial
unwrapping (83.5 % ± 1.1 %). H3K36me3 nucleosomes are almost two fold less
likely to occupy the fully wrapped state compared to canonical nucleosomes and
are significantly more likely (p = 0.005 from a two-sample t-test) to populate states
of higher unwrapping at -35bp (Fig. 6.3c). Thus, trimethylation at H3K36 alters
nucleosome structure towards increased unwrapping. Previous FRET studies did
not find a measurable difference in nucleosome unwrapping between H3K36me3
and canonical nucleosomes205;206. However, these studies rely on thebindingof the
repressor protein LexA to the partially unwrapped nucleosomes between base pairs
8 and 27 and thus require a change in the states of unwrapping >25 bp to detect
differences between H3K36me3 and canonical nucleosomes. Our data show that
only part of the additionally unwrapped H3K36me3 nucleosomes populate these
states of higher unwrapping and thus the overall increased unwrapping might not
be detected by the FRET/LexA methodology at the same level of detail as in our
assay.
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For H3S10phos nucleosomes, i.e. nucleosomes with phosphorylated histone
tails at serine residue 10, we find no significant differences in partial unwrapping
compared to canonical nucleosomes (two-sample t-test p = 0.13). 28.1 % ± 1.3 %
of the phosphorylated nucleosomes are fully wrapped and 71.9 % ± 1.3 % are par-
tially unwrapped. Phosphorylation introduces negative charge to the serine and
thus affects the electrostatic potential of the N-terminal histone tail. However, the
modified serine lies on the outer end of the histone tail (Fig. 6.3b) and therefore
H3S10phos appears to have only a small effect on the intrinsic nucleosome struc-
ture, in line with a previous study that suggested that H3S10phos does not merely
act by creating an open chromatin configuration in which DNA is more accessible
to the transcriptional machinery213;214.
For H4K5/8/12/16ac nucleosomes, i.e. nucleosomes with acetylated histone
H4 tails at lysine residues 5, 8, 12 and 16, we find 32.9 % ± 1.7 % of the nucleo-
somes to occupy the fully wrapped state. 67.1 % ± 1.7 % occupy states of partial
unwrapping with most of them unwrapping 20 to 35 bp of DNA (Fig. 3a), corre-
sponding to no significant differences in wrapping between the tetraacetylated and
canonical nucleosomes (p = 0.46; Fig. 6.3c). Histone tail acetylations neutralize
the positive charge of themodified lysines and thus reduce electrostatic interactions
between the histone tails and the negatively charged DNA. Our observation for
H4K5/8/12/16ac nucleosomes is in agreement with a recent single-molecule study
that found no increased unwrapping for nucleosomes that contained 12 – so three-
fold more than in our construct – H4 tail lysine acetylation mimics207. Similarly, a
FRET study found no effect of H4 acetylations on DNA entry/exit site geometry
at ionic conditions same as ours215. We speculate that hydrogen bonding and hy-
drophobic forces outweigh electrostatic interactions in the binding betweenhistone
H4 tail lysines 5, 8, 12 and 16 and DNA as proposed for H4K16 in a previous sim-
ulation study on the effect of H4K16ac on the histone-DNA binding affinity216.
6.2.4 Post-translational modifications can affect nucleosome unwrap-
ping pathways.
Previous studies based on single-molecule manipulation, FRET69, and cryo-EM68
revealed that unwrapping at one exit site stabilizes binding at the second exit site,
leading the anti-cooperative unwrapping of DNA from nucleosomes. We have re-
cently shown that by analyzing the distribution of short arm lengths vs. opening an-
gles, our high-throughput AFM image analysis approach is sensitive enough to de-
tect this anti-cooperative unwrappingof canonical nucleosomes112. In our data, the
anti-cooperative opening of nucleosomes becomes apparent for the nucleosomes at
opening angles >80°, i.e. in the regime of partially unwrapped nucleosomes (Fig.
6.4a). Thedistributionofpartially unwrappednucleosomes splits into twobranches
reflecting the anti-cooperative nature of the unwrapping process112.
To investigate the effect of epigenetic modifications on the cooperativity of nu-
cleosome unwrapping, we calculate the probability of a certain nucleosome type to
unwrap anti-cooperatively (Supplementary Fig. 6.8). For this purpose, we define an
area in the 2Dopening angle vs. short arm length density distribution (Fig. a6.4 and
Supplementary Fig. 6.8) in which the nucleosomes are expected to lie in the case of
anti-cooperative unwrapping and compare the population size to the fraction of nu-
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Figure 6.4: Unwrapping pathways
of post-translationally modified nucle-
osomes. a, 2D kernel density profile
(bandwidth = 2.5°, 2.5 bp) of short arm
length and opening angle for H3 nu-
cleosomes. A bimodal distribution for
opening angles >80° is apparent, consistent
with anti-cooperative unwrapping of the
nucleosome core particle (N = 1035). The
distribution of fully wrapped nucleosomes
(30.8 % of all nucleosomes, indicated by
the black ellipse) was omitted from the
plot for clarity. b, 2D kernel density profile
(bandwidth = 2.5°, 2.5 bp) of short arm
length and opening angle for H3K36me3
nucleosomes (N = 1155). c, Quantification
of the tendency of the different epigenet-
ically modified nucleosomes to unwrap
anti-cooperatively or not (Supplementary
Fig. 6.8). Unmodified, H3S10phos, and
H4K5/8/12/15ac nucleosomes show similar
high levels of anti-cooperative unwrapping;
in contrast, H3K36me3 and CENP-A nucleo-
somes unwrap less anti-cooperatively.
cleosomes outside that area. For the canonical nucleosomes, 82.5 % ± 0.8 % (mean
+ SEM from five biological repeats) are in the anti-cooperative unwrapping regime.
Similarly, the H3S10phos and the H4K5/8/12/16ac nucleosomes occupy the anti-
cooperative unwrapping regime at 82.3 % ± 1.4 % and at 81.3 % ± 0.9 % respectively
(Fig. 6.4c), indicating that these modifications do not affect the anti-cooperativity
in nucleosome unwrapping.
In contrast, we find a significant reduction in anti-cooperativity for the un-
wrapping of H3K36me3 (73.4 % ± 0.7 %) compared to the canonical nucleosomes
(two-sample t-test p = 3.5∗10−5), implying that a substantial part of H3K36me3
unwraps stochastically from both sides. Previously, we have observed a similar ef-
fect112 for nucleosomes that contained the histoneH3 variantCENP-A (Fig. 6.4c).
We have speculated that the shortened N-terminal alpha helix (αN) of CENP-A
nucleosomes –compared to the larger H3 αN of canonical nucleosomes– might
cause the loss of anti-cooperativity, in line with a previous cryo-EM study that has
suggested that allosteric changes involving H3 αN might invoke anti-cooperative
unwrapping in canonical nucleosomes68. Comparing our findings for H3K36me3
nucleosomes to the CENP-A data from the previous study shows similar reduc-
tion of anti-cooperativity (Fig. 6.4b) for both nucleosome types. Both exchange
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of H3 with CENP-A and trimethylation at H3K36 introduce changes to the his-
tone octamer at the entry/exit region of the DNA and a reduced fraction of fully
wrapped nucleosomes. Our finding of reduced anti-cooperativity in the unwrap-
ping of H3K36me3 nucleosomes indicates that already subtle changes at the DNA
entry/exit site of nucleosomes can strongly affect nucleosomal dynamics and open-
ing pathways. To check whether differences in nucleosome positioning along the
W601 sequence between unmodified and H3K36me3 nucleosomes plays a role in
the different density distribution ofH3K36me3nucleosomes, we compared the po-
sitioning of both unmodified and trimethylated nucleosomes but found no differ-
ences (Supplementary Fig. 6.9).
To further understand the nature and extent of anti-cooperative unwrapping,
we simulated synthetic AFM images of nucleosomes that explored two extreme sce-
narios: either exhibiting only anti-cooperative unwrapping or completely stochastic
unwrapping (Supplementary Fig. 6.10). In short, we placed a disk, representing the
nucleosome core particle, on a surface and simulated protruding DNA arms with
different lengths at opening angles as deduced from the unwrapping state and the
nucleosome crystal structure. The populations of unwrapping simulated are based
on the experimentally determined unwrapping populations for unmodified nucle-
osomes (see Methods and Supplementary Fig. 6.10 for more detail).
Applying our analysis pipeline to simulated nucleosome images that exhibit
completely anti-cooperative unwrapping and contain no added noise, we find very
high scores for anti-cooperativeunwrapping, >95%, as expected. This value is higher
than what we observe for any of the experimental conditions. However, if we add
Gaussian noise with a width of 5 bp, corresponding to approximately one pixel in
our AFM images and representative of our imaging noise, to the short arm length,
we find anti-cooperativity values of 84 % ± 0.7 %, which are still slightly higher, but
close to the experimentally observed values for canonical, H3S10phos andH4K5/-
8/12/16ac nucleosomes, suggesting that our data are consistent with these types of
nucleosomes exhibiting almost perfectly anti-cooperative unwrapping. Conversely,
if we simulate nucleosomes that unwrap randomly from either site, we find anti-
cooperativity scores of 67 % ± 0.3 %, essentially independent of whether noise is
added to the images or not due to the already stochastic nature of the distribution
(Supplementary Fig. 6.10). The anti-cooperativity scores for the randomlyunwrap-
ping simulations are lower than any of the experimentally determined values, but
relatively close to values determined forH3K36me3 andCENP-Anucleosome, sug-
gesting that while H3K36me3 and CENP-A unwrap mostly random, they appear
to retain some anti-cooperativity.
6.3 Discussion
Quantitative assessment of conformations of post-translationally modified nucleo-
somes is a key to understanding the mode of operation of the histone code. PTMs
can have manifold effects on chromatin structure such as entry site unwrapping,
nucleosome destabilization, chromatin fiber destabilization, and histone-histone
destabilization15;197;200. In this work, we utilized a high-throughput image anal-
ysis pipeline to study the effect of the post-translational modifications H3S10phos,
H3-K36me3 and H4K5/8/12/16 on nucleosome structure and dynamics. From a
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multi-parameter analysis of >25,000 nucleosomes, we obtain a comprehensive and
quantitative view of the molecular ensembles, which in turn allows us to extract
detailed information about nucleosome wrapping with as little as 1 % uncertainty
(SEM) for the populations of the individual unwrapping states.
TheH3K36me3modification exhibited the strongest effect onnucleosomewrap-
ping probably due to its location at the DNA entry/exit site of the nucleosome.
While we observe partial unwrapping of ~70 % of the canonical nucleosomes ~85
% ofH3K36me3 nucleosomes occupied states of partial unwrapping. Strikingly, in
stark contrast to the anti-cooperative unwrapping of canonical nucleosomes where
unwrapping from one side inhibits unwrapping from the other, H3K36me3 nucle-
osomes tend to unwrap stochastically from both sides. H3K36me3 acts via recruit-
ing a number of histone PTM binding domains204 and is associated with DNA
repair, alternative splicing, and transcription15;217. Work in drosophila suggests
that H3K36me3 is enriched in gene bodies, in particular, in the region of tran-
scribed genes distal to the transcription start site218;219. The increased proneness
of H3K36-me3 nucleosomes to partially unwrap suggests that H3K36me3 can di-
rectly affect higher order chromatin structure by increasing the heterogeneity of
nucleosome-nucleosome contacts as well as the effective nucleosome valency196.
On the macromolecular level, histone tails play a key role in the formation of
higher-order chromatin structures55. Acetylation of the histone tails inhibits the
folding of the nucleosome array in vitro187 and elevated histone acetylations in-
crease chromatin accessibility220 and reduce the clustering of nucleosomes221 in
vivo. Additionally, H4 acetylation blocks the interaction between the H4 tail and
the acidic patch of adjacent nucleosomes and thus decreases inter-nucleosomal in-
teractions126. Yet, on the single-molecule level, we found no significant changes in
nucleosome accessibility due to the H4K5/8/12/16ac modification.
Similarly, while we did not see significant changes in nucleosome wrapping for
H3S10phosnucleosomes compared to canonical nucleosomes, it has previouslybeen
shown that, in principle, phosphorylation can have significant effects on nucleo-
some dynamics129. However, in these studies the phosphorylation occurred closer
to the nucleosome dyad as compared to the phosphorylation investigated in our
study that lies towards the endof thehistoneH3 tails. We speculate thatH3S10phos
predominantly acts by binding proteins such as certainmembers of the 14-3-3 fam-
ily with H3S10phos specificity222;223 and also via cross-talk with other PTMs such
as blocking of H3K9ac224;225 or promotion of H3K14ac226.
Our results highlight how different PTMs involved in transcriptionally active chro-
matin act through a range of mechanisms. We show that our high-throughput,
high-resolution pipeline can reveal the effects of subtle chemical modifications on
nucleosome conformations. More broadly, our approach is readily applicable to
other nucleosomemodifications and variants as well as their interactions with bind-
ing partners.
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6.4 Methods
DNA purification and nucleosome reconstitution. DNA was PCR amplified
fromaGeneArtHigh-QStringDNAfragment (ThermoFisher Scientific,Waltham,
Massachusetts) containing the Widom 601 positioning sequence. The DNA was
purified using a QIAquick PCR purification kit (Qiagen, Hilden, Germany) and
subsequently eluted to a volume of 30 μL in milliQ water. Unmodified and modi-
fied histone proteins were purchased from EpiCypher (Durham, North Carolina).
Nucleosome reconstitutions were performed by salt gradient dialysis149. The dial-
ysis chambers contained 0.65 μg of the histone octamers and 3 μg of the 486 bp
DNA at 2 M NaCl and were placed in one liter of high-salt buffer (2 M NaCl, 10
mMTris, 1 mMEDTA). Over the course of 15 hours, three liters of low-salt buffer
(50 mMNaCl, 10 mMTris, 1 mM EDTA) were transferred to the high-salt buffer
at 4°C. Finally, the dialysis chambers were moved to one liter of low-salt buffer for
three hours.
AFM sample preparation and imaging. Poly-L-lysine coated mica was prepared
by depositing 20 µL poly-L-lysine (0.01 % w/v) on freshly cleaved muscovite mica
for 30 seconds and subsequently rinsing the surface with 50 mL of milliQ water
before drying with a gentle stream of filteredN2 gas. A sample mix containing bare
DNA and reconstituted nucleosomes –usually 30 % to 50 of the DNA strands do
not bind to histones– was incubated at 200 mMNaCl and 10 mM Tris-HCl, pH
7.6, for all measurements for 1min on ice. The sample mix is then deposited on the
poly-L-lysine coated muscovite mica for 30 seconds and subsequently rinsed with
20 mLmilliQ water before drying with a gentle stream of filtered N2 gas.
We used two different commercial AFM instruments for imaging. All AFM
images were acquired in tappingmode at room temperature. One set of images was
acquired on a Multimode VIII AFM (Bruker) using silicon tips (AC160TS, drive
frequency of 300-350 kHz, tip radius 7 nm, Olympus, Tokyo, Japan). Images were
scanned over a field of view of 3 µm x 3 µm at 2048 x 2048 pixels with a scanning
speed of 1 Hz. Independent measurement repeats were performed on a Nanowiz-
ard Ultraspeed 2 (JPK, Berlin, Germany) with silicon tips (FASTSCAN-A, drive
frequency 1400 kHz, tip radius 5 nm, Bruker, Billerica, Massachusetts). Here, im-
ages were scanned over a field of view of 6 µm x 6 µm at 4096 x 4096 pixels with a
scanning speed of 1.5 Hz or over a field of view of 12 µm x 12 µm at 8192 x 8192
pixels at 1.5 Hz (Fig. 6.1b). For each nucleosome type, four independent data sets
were recordedwith samples from separate nucleosome reconstitutions deposited on
newmuscovite mica.
AFM image analysis. To analyze the flattened AFM images we used an analysis
pipeline based in parts on the previously published, open source automated image
analysis pipeline112. In short, image analysis consists of three steps. First, molecules
are detected and classified. For molecule detection, a Gaussian filter and a back-
ground subtraction are applied to the flattened AFM images and subsequently a
skeletonization165 – an algorithm that narrows down the objects to a one pixel wide
backbone – is performed (Supplementary Fig. 6.5). The skeleton of the molecules
is used for classification: Bare DNA has exactly two endpoints in its skeleton and
nucleosomes have exactly two endpoints and two branchpoints – points withmore
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than two neighbors (Supplementary Fig. 6.5). Second, a deconvolution is applied
(see below). Third, the classifiedmolecules are analyzedwith respect to the structure
parameters arm length, volume and opening angle for nucleosomes and length for
bare DNA (Supplementary Fig. 6.5). Our AFM analysis code including a detailed
installation guide and an example image is available on GITHUB.
Image deconvolution. An image deconvolution is applied to the AFM images to
trace nucleosomal opening angles and DNA length more accurately (see Fig. 6.5).
Before deconvolution can be performed, the tip shape must be estimated. The es-
timation is done for each AFM image individually since tip shape can vary signifi-
cantly even for tips of the same batch and it can change while measuring one data
set over the course of several hours. To estimate the tip shape, bare DNA strands
are traced without deconvolution to obtain an initial trace. Based on this initial
trace a grid of 10 pixels ( ~15 nm) in size is filled by the height values surrounding
the initial trace of the DNA strand (Supplementary Fig. 6.6). After repeating this
process for all DNA strands in the image and averaging the intensities in the grid,
a good estimate of the tip shape is available to apply the deconvolution algorithm.
Here, wemake use of theRichardson-Lucy deconvolution algorithm211;212, an iter-
ative procedure for recovering anunderlying image blurred by a knownpoint spread
function, i.e. the tip shape.
AFM image simulations. To simulate nucleosome images with different levels of
anti-cooperative unwrapping, an 11 nm diameter disk of uniform height together
with protruding DNA arms based on the worm-like chain model at opening angles
deduced from the nucleosome crystal structure (PDB 1KX5) was placed on a flat
surface. The fully wrapped lengths of the short and long arm comprise 106 bp and
233bp, respectively, and lengthswere increased in 5 bp steps to simulate the individ-
ual unwrapping steps up to 35 bp. The simulated populations for each unwrapping
state were chosen based on the experimentally determined populations. For simula-
tionof anti-cooperative unwrapping, the lengthof only one armwas increasedwhile
keeping the length of the other arm constant. For simulation of stochastic unwrap-
ping, the arms were randomly unwrapped in 5 bp steps up to the total amount of
unwrapping simulated for each state. For example, when simulating a state of 10
bp unwrapped, possible lengths for the short arm are [106, 111, 116] bp and [233,
238, 243] bp for the long arm andwere assigned randomly for each simulated nucle-
osomewhile keeping the total of 10 bp unwrapped between the two arms constant.
Consecutively, the DNA arms were dilated to their expected with of 2 nm and ran-
dom noise in combination with a Gaussian filter (σ = 2 nm) were applied to mimic
the effect of tip convolution.
6.5 Supplementary information
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Figure 6.5: Tracing of bare DNA and nucleosomes. a, AFM topographic image of a bare DNA strand with the different tracing
steps visualized. At first, the original image is filtered by applying a Gaussian filter and removing the background with a fixed
threshold value. Subsequently, the filtered image is skeletonized. The skeletonized backbone of the molecules serves as the basis
for classification: whereas the skeleton of bare DNA has exactly two endpoints and no branchpoints – points that have more than
two neighbors – the skeleton of nucleosomes contains exactly two endpoints and two branchpoints. Finally, the bare DNAmolecule
is traced with regards to its length after applying a deconvolution. b, AFM topographic image of a nucleosome with the different
tracing steps involved. After initial filtering, the molecule is skeletonized for classification. Finally, the nucleosome is traced with
regards to the arm lengths, the opening angle and the volume.
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Figure 6.6: Tip shape estimation. a, Tip shape estimation is based on analysis of the bare DNA images present in each AFM field
of view. In the first step of tip shape estimation, the vectors between the pixel centers and the nearest trace point are computed.
The trace points are obtained by first tracing the DNA strand without deconvolution to get an estimate of the trace. After obtaining
the tip shape and applying deconvolution, the DNA strands are traced again. All pixels that are within a maximum range of 6 nm
towards the next trace point are taken into account. The amount of initial trace points was reduced for clarity in the graph. During
application, the trace is approximated by a spline interpolation to provide more trace points and thus reduce error in estimating
the tip shape due to a too coarse grained trace. b, The vectors are then brought into an empty 2D grid and the measured height
values of the pixels the vectors were obtained from in panel a are added to the grid. Repeating the process formultiple DNA strands
(typically 100-200 DNA strands per image) will result in tens of thousands height values of vectors to fill the 2D grid with. c, After
adding up all height values of the vectors in the grid, the grid pixels are normalized based on the number of values added per grid
pixel. The resulting distribution is an approximation of the tip shape that was used in imaging the respective image.
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Figure 6.7: Bare DNA lengths. a, Histogram of bare DNA lengths combined for all data sets used in this work. We
find a contour length of lc = 153.4 ± 3.9 nm (mean ± std from 11437 molecules) corresponding to a length per bp of
0.316 ± 0.008 nm, in agreement with previous measurements by AFM 166;210 and solution X-ray scattering 167.
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Figure 6.8: Quantification of anti-cooperative unwrapping. a, 2D kernel density profile (bandwidth = 2.5°, 2.5 bp) of short arm
length and opening angle for partially unwrapped canonical nucleosomes (N = 1035). Nucleosomes that unwrap anti-cooperatively,
i.e. with either the long arm or the short arm unwrapping, are expected in the dark area. Nucleosomes that unwrap from both sides
simultaneously are expected in the yellow area. For this particular data set of canonical nucleosomes, 84.8 % of the nucleosomes
are in the regime of anti-cooperative unwrapping and 15.2 % in the regime of stochastic unwrapping. The values obtained in this
analysis serve as basis for the quantification of anti-cooperativity in Fig. 4c of the main text. Per definition, the dark area makes up
75 % of the total area and the yellow area makes up 25 % of the total area. The black ellipse indicates the position of fully wrapped
nucleosomes that are omitted for clarity. b, 2D kernel density profile (bandwidth = 2.5°, 2.5 bp) of short arm length and opening
angle for partially unwrapped H3K36me3 nucleosomes (N = 1155). 71.7 % of the nucleosomes are in the regime of anti-cooperative
unwrapping and 28.3 % in the regime of stochastic unwrapping.
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Figure 6.9: Nucleosome positioning. a, Nucleosome positioning for a sample data set of unmodified nucleosomes (N = 1300).
The nucleosome position is calculated by dividing the short arm length by the sum of short arm and long arm length. The plots
show that both fully wrapped and partially unwrapped nucleosomes are positioned well at the Widom positioning sequence. b,
Nucleosome positioning for a sample data set of H3K36me3 nucleosomes (N = 1732). Similarly to the unmodified nucleosomes,
the H3K36me3 nucleosomes are positioned well. Due to the stochastic unwrapping of H3K36me3 nucleosomes it is not possible
to separate the partially unwrapped nucleosomes (right histogram) into nucleosomes that solely unwrap from the short arm and
those that unwrap solely from the long arm.
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Figure 6.10: Simulation of anti-cooperative and stochastic unwrapping. a, Simulation of nucleosomes consisted of placing a
nucleosomal disk and simulating protruding DNA arms. The position and initial directionality of the protruding DNA arms was
deduced from the nucleosome crystal structure (PDB 1KX5). The lengths of the DNA arms are 106 bp for the short arm and 233
bp for the long arm initially and are varied based on the state of unwrapping that is simulated (see Methods). Consecutively, the
DNA was dilated to its expected width of 2 nm and a Gaussian filter was applied to mimic the effect of tip convolution. Finally, the
synthetic AFM image is traced with our automated image analysis pipeline. b, 2D Kernel density plot for simulated nucleosomes
(N = 2072). To simulate anti-cooperative unwrapping, the length of either the short or the long arm was always kept constant
(106 bp or 233 bp for the short and the long arm respectively) and the length of the other arm was increased in 5 bp steps up to a
maximumunwrapping of 35 bp. Unwrapping is simulated to occur from each arm in 50% of the cases and the sizes of the individual
unwrapping populations are based on the probability for each population as experimentallymeasured for unmodified nucleosomes
(Figure 6.3a). c, 2D Kernel density plot for simulated nucleosomes (N = 2072). The plot comprises the same nucleosomes as shown
in b. However, additional Gaussian distributed noise with σ = 5 bp was added to the short arm length to better capture expected
imaging errors that might occur during experiments. d, 2D Kernel density plot for simulated nucleosomes (N = 1469). Compared to
the anti-cooperative unwrapping of plots b and c, this plot shows nucleosomes that unwrap stochastically. To simulate stochastic
unwrapping, the length of both arms was randomly increased in 5 bp steps for the individual unwrapping steps. For example, for
simulation of states of partial unwrapping of 10 bp in total, the length of the short and long arm was randomly either increased by
[+0, +10], [+5, +5] or [+10, +0] respectively. This procedure was again repeated up to a maximum unwrapping of 35 bp in total. e,
2D Kernel density plot for simulated nucleosomes (N = 1469). The plot comprises the same nucleosomes as shown in d. Similar




Over the past few decades, manifold techniques have been developed that allow for
exceptionally detailed and highly resolved studies ofDNAand nucleo-protein com-
plexes. The initial goal of this thesis was the development of a robust and high-
throughput analysis pipeline to take AFM studies of nucleo-protein complexes and
of nucleosomes in particular to the next level. With the development of an AFM
image analysis pipeline, I was able to establish a framework that allows for readily
reproducible studies of DNA and nucleosomes, hereby mostly removing the user
bias of manual data analysis and enabling the analysis of larger data sets as com-
pared to what is commonly worked with in AFM imaging studies up to date. The
validity of the pipeline was then proven by achieving insights into the unwrapping
landscape of wild type nucleosomes - such as the anti-cooperativity of partial nucle-
osome opening - in unprecedented detail compared to previous AFM studies and
in line with previous work on nucleosomes.
Having established and validated this valuable analytical tool, we were then able to
gain additional insights into the unwrapping dynamics of wild type nucleosomes,
hereby discovering the slightly preferential unwrapping from the stiffer DNA side
without force as compared to previous force-induced observations that saw highly
preferential opening fromthe stiffer side. Along thatwork,we also found significant
differences inwrappingbetweenCENP-Aandwild type nucleosomes, and later, for
nucleosomes containting subtle epigeneticmodificationswith themain result being
the altered unwrapping dynamics of CENP-A and H3K36me3 nucleosomes: In
stark contrast to wild type nucleosomes that unwrap anti-cooperatively from only
one side at the same time, we observed that CENP-A andH3K36me3 nucleosomes
can unwrap from both sides simultaneously. Understanding these subtle dynamic
differences for a multitude of nucleosome variants will help in understanding the
mode of action and the role in regulating gene activity and silencing of the respective
modifications.
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Perspectives
While I was able to tackle and answer a lot of the initial open questions of this work,
as so often in research, evenmorequestions poppedup along theway. The establish-
ment of the automated analysis pipeline will allow for manifold detailed studies of
nucleo-protein and nucleosome systems that have not been investigated at this level
of detail on the single-molecule level yet. For example, almost all single-molecule
studies of mono-nucleosomes utilize the Widom 601 positioning sequence to reli-
ably reconstitute andposition thehistone octamer along theDNAconstruct. How-
ever, the W601 positioning sequence is an artificial sequence that does not resem-
ble the landscape of DNA sequences present in the genome. Studying the wrap-
ping landscape and thepositioningofmono-nucleosomes onotherDNAsequences
such as different nucleosome positioning sequences, highly repetitive alpha-satellite
DNAoron randomDNAsequencesmightprovide interesting insights into the role
of DNAwrapping for transcriptional activation and can be easily achievedwith the
workflow and method developed in this thesis.
Similarly, the analysis framework could be expanded topoly-nucleosomes and larger
nucleosome constructs to better understand the interplay between consecutive nu-
cleosomes along a DNA strand. Does the wrapping/unwrapping of one nucleo-
someaffect thewrappingof consecutivenucleosomes in a significantmanner? What
role does the crosstalk between epigenetic modifications of the indiviual nucleo-
somes in nucleosome arrays play and how does it affect the nucleosomal unwrap-
ping pathways? Especially for poly-nucleosomes, these questions have not really
been tackled by any technique so far and the framework presented here would pro-
vide a powerful tool to study these systems of interest.
Certainly, when working on these and other questions in future work, even more
problems and open questions will arise and hopefully some day be answered by re-
sourceful researchers, expanding our knowledge bit by bit within the ocean of what
we do not know or understand yet.
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A.0.1 PCR for nucleosome reconstitution
Polymerase chain reaction was used to amplify the linear DNA constructs ordered at and delivered
fromThermoFisher ScientificGeneArts (StringsDNA fragments). Primerswere designed using Snap-
Gene and ordered at Eurofins.
Step 1: Mix components
When preparing content for multiple PCR eppis, mix everything in a large eppi and then aliquot to
several PCR reaction tubes. PCRmix per PCR eppendorf tube (20 µL):
1. 1 µL forward primer (at concentration of 10 µM, 500 nM are required in the final 20 µl mix.
Primer was delivered dry and diluted to 100 µM for long term storage in the -20 °C freezer.)
2. 1 µL reverse primer (same concentration as forward primer).
3. 1 µL 486 bp template DNA fragment (at concentration of 1.3 ng/µL, final concentration of
0.065 ng/µL in 20 µl mix required. DNA fragments originally delivered dry and subsequently
brought to required concentration by resuspension with ddH2O and stored at -20 °C.)
4. 7 µL ddH2O.
5. 10 µL 2 x PfuMaster Mix (ordered at biotechrabbit).
Notes:
1. Pfu polymerase is a rather old-school polymerase that is a little slower than for example Phusion
polymerase. However, I tried to perform PCR with the Phusion master mix several times and
the results (band width in the gel and final concentration) were the same or better for the Pfu
master mix.
2. The protocol can be easily adapted to shorter or longer DNA templates.
3. To obtain sufficient amounts ofDNAfor subsequent nucleosome reconstitution (3 µg ofDNA
necessary for each NR reaction tube) I usually performed PCR on 16 x 20 µL eppis and after-
wards added everything together. More than 16 eppis does not make sense since during PCR
clean up (Step 3) only a limited amount of DNA can be caught in the membrane which is al-
ready maxed out at 16 eppis.
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FigureA.1: Agarose gel to test DNAquality after PCR.Column1 and 4 show the reference 1 kbDNA ladder
and columns 2 and 3 show the purified 486 bp DNA construct after PCR purification. Red color indicates
satured pixel when measuring the gel in the GelDoc.
Step 2: Thermocycling
Place the PCR tubes in the thermocycler and let it run with the following cycling settings:
1. 95 °C for 3 minutes
2. 95 °C for 30 seconds
3. 52 °C for 30 seconds
4. 72 °C for 1 minute
5. 72 °C for 15 minutes
6. 4 °C storage hold
Repeat cycling steps 2-4 for 35 times consecutively.
Step 3: PCR purification
PCR purification was performed using a QIAGEN PCR purification kit. The steps here describe the
case of using 16 x 20 µL eppis for PCR.
1. Place the volume of all 16 PCR eppis in one large 2 mL eppi (total of 320 µL PCR reaction
volume). Add 5x the volume of PB buffer (1600 µL) and mix thoroughly.
2. Use the spin column from the PCR kit in three consecutive rounds each time with 640 µL of
the mix. The maximum volume of the column is around 800 µL and thus it is not possible to
do it in one round. Spin down at 13000 rpm over 1 minute and discard the flow-through.
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3. Use 750 µL PE buffer to wash everything. Spin it twice at 13000 rpm over 1minute and discard
flow-through inbetween.
4. Use ddH2O(instead of the delivered elution buffer EB) to elute theDNA into a newDNA low-
bind eppi. Depending on the requiredfinalDNAconcentration, elution canbeperformedwith
either 30 µL or 50 µL ddH2O. with 30 µL I usually obtained final concentrations of 300-400
ng/µL and with 50 µL of 200-250 ng/µL.
Step 4: DNAquality control
To check DNA quality after PCR, run an agarose gel and measure the DNA concentration in the
NanoDrop. I usually made a 1 % agarose gel, stained it with 2 µL of RotiSafe gel stain and let the gel
run for 30-35 minutes at 100 V. As a reference, I used a 1 kb DNA ladder. For the DNA sample, i
typically mixed 0.5 µL 5x loading dye with 2 µL DNA sample to save sample volume. (see Fig. A.1)
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A.0.2 Nucleosome reconstitution
The nucleosome reconstitution is performed according to a previously published protocol149. His-
tones and DNA are all added together at high salt concentrations and over the course of 15 hours the
salt concentration is reduced such that the nucleosomes can form. Before starting with this protocol,
prepare the DNA according to the PCR protocol and make sure that enough histones are in stock.
Step 1: Buffer stocks
Three different buffers are necessary in total:
1. 1x high-salt buffer (2 MNaCl, 10 mMTRIS, 1 mM EDTA) - 1 L
2. 10x low-salt buffer (50 mMNaCl, 10 mMTRIS, 1 mM EDTA) - 1 L
3. 2.4x high-salt buffer (2 MNaCl, 10 mMTRIS, 1 mM EDTA) - 100 mL
Bring all buffers to pH 7.6 at room temperature and afterwards filter them through a hydrophilic filter
with a vacuum pump.
Notes:
1. Prepare stock solutions of the 1x HS buffer and the 10x LS buffer of 1 L. 300 mL of the HS
buffer and 400 mL of the LS buffer are required for one nucleosome reconstitution. While the
buffers should be used soon after preparation, several reconstitutions can be performedwith the
same batch of buffers when used within a few weeks.
2. In the original protocol, 2xHSbuffer instead of 2.4xHSbuffer is used for samplemixing. How-
ever, I found it easier to use 2.4xHSbuffer and thus havemore space for the othermaterials such
as DNA and nucleosomes. 2.4x HS is the highest concentration of salt I was able to achieve to
still have the salt properly dissolved in the mix.
Step 2: Buffer beakers for overnight dialysis
All beakers should be cleaned properly by rinsing with ethanol/isopropanol and subsequently washed
with mQ. A 3 L and a 5 L beaker are necessary.
1. Prepare the LS buffer in a 3 L beaker. The original protocol says 3 L of total buffer volume but
due to the limited volume of the beaker I usually prepared 2.9 L of the LS buffer: 290 mL 10x
LS stock + 2610mLmQ.Add 1.45mL 100%Triton to the buffer andmixwell with amagnetic
stirrer. Seal the beaker with parafilm and put the beaker with the buffer into the cold room such
that it cools down to 4 °Cbefore starting the nucleosome reconstitution. Shortly before starting
the reconstitution, add 300 µL beta-mercapthoethanol to the and mix.
2. Prepare the HS buffer in a 5 L beaker (300 mL of the previously prepared stock solution). Add
150 µL of Triton 100 %. Since it is difficult to pipette small volumes of 100 % Triton due to its
viscosity, I usually dilute the Triton before to a concentration of 20 % or so and then add the
required amount. Again, seal the beaker with parafilm and put it into the cold room to cool
down to 4 °C before starting the reconstitution.
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Notes:
1. Triton does not dissolve properly at 4 °C so make sure to prepare the buffer/Triton solutions
before cooling the buffer in the cold room.
2. In the original protocol it says that Igepal instead of Triton should be used. However, we tested
the protocol with Triton (due to a lack of Igepal in the lab) and it worked fine.
Step 3: Prepare setup for overnight dialysis
1. Place the two beakers with the LS and HS buffer on a magnetic stirring plate each in the cold
room. Take a peristaltic pump that is later used to transfer the buffer from one beaker to the
other and place on something high (I usually used empty ice boxes) such that it is located at the
same height as the beakers.
2. Place the tubing of the peristaltic pump in such a manner that the tubing reaches the bottom
of the LS buffer beaker. (It needs to be able to transfer all the volume) Additionally, make sure
that the tubing is fixed to the inner side of the HS beaker such that the transferred fluid flows
on the glass and does not contaminate the freely floating sample by accident.
3. Add 300 µL β-mercaptoethanol to each beaker and set the magnetic stirring to a continuous
low frequency stirring. Seal the beakers thoroughly with the parafilm.
Step 4: Dialysis chambers
With the buffer beakers set up and cooled down, it is time to prepare the dialysis chambers that contain
the DNA and histones. Compared to the 100 µL sample volume mentioned in the 2012 protocol149,
I always used 30 µL sample volume. This will result in plenty of nucleosomes for measurements (>50
surface depositions) and save materials. Each chamber contains:
1. 12.5 µL 2.4x HS buffer
2. 0.5 µL Triton (3 %)
3. 0.5 µL BSA (12 µg/µL)- BSA diluted in milliQ shortly before the reconstitution.
4. 3 µg DNA (of 486 bp DNA)
5. 1 µg histone octamers
6. X µL milliQ to fill up to 30 µL
Notes:
1. By using only 0.5 µL of volume for Triton and BSA at high concentrations there is more space
for DNA in case that DNA concentrations were low after PCR.
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2. I usually added everything but the histones together in a protein lobind eppi, mixed it gently
and then transferred it to an eppi with the histones. There, I only mix gently by stirring with
the pipette.
3. Make sure that the membranes do not touch anything to avoid contamination. A good way to
fill the membranes is by placing themembranes in a floater and putting the floater on the top of
a small beaker such that the membranes cannot get in contact with anything.
Step 5: Overnight dialysis
After preparing the beakers and the pump in the cold room, add 300 µL beta-mercaptoethanol to
the low salt buffer, close it again and mix well with the magnetic stirring plate. Place the floater with
the dialysis chambers in it on the high-salt buffer in a way that the stirrer is slowly mixing everything
while not moving the floater with the samples around. It is important to not have any air bubbles on
the dialysis membranes in the buffer that could disturb the proper exchange of the buffer through the
dialysis membranes.
Finally, add 300 µL beta-mercaptoethanol to the high-salt buffer. Close everything and turn on the
peristaltic pump such that all the fluid is transferred from the low-salt buffer to the high-salt buffer
within 15 hours. Usually, I go check on everything after an hour or so to make sure that the low-salt
buffer is properly transferred and to adjust the pumping speed in case that it is too fast or slow.
Step 6: Transfer to fresh low-salt buffer
After all of the low-salt buffer was transferred to the beaker now containing the mix of the LS and the
HS buffer, transfer the floater with the sample containing dialysis chamber to a new beaker containing
1 L of fresh low-salt buffer (again with 300 µL beta-mercaptoethanol). Prepare this buffer from the LS
buffer stock that was prepared in the beginning. It makes sense to prepare this buffer already directly
when starting the overnight reconstitution and to put it into the cold room sealed with parafilm such
that it can already cool down to 4 °C aswell. Keep the samples on the fresh LS buffer for at least 2 hours.
Finally, pipette the samples contained in the dialysis chambers into lobind protein eppis. The volume
can vary significantly between chambers and reconstitutions (50 µL to up to 200 µL were quite com-
mon). To estimate the volume contained in each eppi it makes sense to use a 20 µL pipette and note
the approximate amount of volume transferred. This will help in chosing the right concentration of
nucleosomes for subsequent preparation of AFMmeasurement surfaces.
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